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The covalent attachment of heme cofactors to the apo-polypep-
tides via thioether bonds is unique to the maturation of c-type
cytochromes. A number of thiol-disulfide oxidoreductases prepare
the apocytochrome for heme insertion in system I and II cyto-
chrome c maturation. Although most thiol-disulfide oxidoreducta-
ses are nonspecific, the less common, specific thiol-disulfide oxi-
doreductases may be key to directing the usage of electrons. Here
we demonstrate that unlike other thiol-disulfide oxidoreductases,
the protein responsible for reducing oxidized apocytochrome c in
Bacillus subtilis, ResA, is specific for cytochrome c550 and utilizes
alternate conformations to recognize redox partners. We report
solution NMR evidence that ResA undergoes a redox-dependent
conformational change between oxidation states, as well as data
showing that ResA utilizes a surface cavity present only in the
reduced state to recognize a peptide derived from cytochrome
c550. Finally, we confirm that ResA is a specific thiol-disulfide
oxidoreductase by comparing its reactivity to our mimetic peptide
with its reactivity to oxidized glutathione, a nonspecific substrate.
This study biochemically demonstrates the specificity of this thiol-
disulfide oxidoreductase and enables us to outline a structural
mechanism of regulating the usage of electrons in a thiol-disulfide
oxidoreductase system.

NMR � thiol-disulfide oxidoreductase � x-ray crystallography

The c-type cytochromes are involved in a number of cellular
processes including aerobic and anaerobic respiration, plant

and bacterial photosynthesis, detoxification via electron trans-
port (1), apoptosis (2, 3), redox metabolism (4), and biosynthesis
of heme intermediates (5, 6). Maturation of these important
cytochromes involves the posttranslational covalent attachment
of a heme cofactor to the C-x-x-C-H motif of the apocytochrome
polypeptide. This attachment is distinguished from that in other
cytochromes by the presence of two thioether bonds to the vinyl
groups of the heme with the histidine residue providing an axial
ligand to the heme iron.

Bacteria and plants use two similar but distinct pathways,
known as system I and system II, for the maturation of c-type
cytochromes whereas animals and fungi rely on an unrelated
pathway, known as system III (4). Central to cytochrome c
maturation (CCM) by systems I and II are several thiol-disulfide
oxidoreductase proteins (4, 7, 8). Some of these are also shared
with other disulfide bond-forming pathways of the periplasm and
extracellular space where they are involved in disulfide bond
formation, isomerization, and reduction (9–12).

Disulfide reduction and oxidation drives CCM in both systems
I and II. In both of these systems reduced apocytochrome c is
first translocated across the inner membrane. Free thiol group
reactivity is prevented by oxidation of the two heme ligating
cysteines to a disulfide by the nonspecific thiol-disulfide oxi-
doreductases, DsbA and BdbD in systems I and II, respectively
(4, 13). Oxidized apocytochrome c is then reduced by the
DsbE�CcmG–CcmH pair in system I or by ResA in system II
before heme insertion (4, 14). Electrons transferred through

these redox cycles are obtained from cytoplasmic thioredoxin via
an integral membrane protein, DsbD�DipZ (system I) (15) or
CcdA (system II) (16, 17).

Thiol-disulfide oxidoreductases typically are nonspecific in
their reactivity to substrates, as exemplified by thioredoxin,
which catalyzes disulfide reduction and interacts with a multi-
tude of proteins. This is also true for the thiol-disulfide oxi-
doreductases responsible for oxidizing reduced apocytochrome
c and for shuttling electrons from intracellular thioredoxin
through the membrane, thus maintaining the oxidizing environ-
ment of the periplasm and extracellular space for protein folding
and sporulation (15–17). However, genetic evidence suggests
that the thioredoxin-like proteins DsbE�CcmG–CcmH or ResA
involved in the reverse reaction are specific for CCM (4, 14). The
mechanistic basis of substrate specificity by which such thiol-
disulfide oxidoreductases recognize their reaction partner is not
understood. Previously, it was believed that regions for specific
protein–protein interaction were located on sequences inserted
in the core thioredoxin fold (18–20). More recently, based on
evidence from crystal structures it has been suggested that subtle
conformational changes may be responsible for substrate selec-
tion by ResA (21).

In this study we present the x-ray crystal structure of the
soluble domain of oxidized ResA from Bacillus subtilis at 1.4 Å
resolution. Additionally, we use solution NMR spectroscopy to
investigate the differences between the reduced and oxidized
forms of ResA and provide data showing extensive chemical shift
changes indicative of a conformation change between the two
states. We also report direct evidence for the involvement of a
cavity located on the surface of reduced ResA for histidine
recognition of oxidized apocytochrome c. Finally, our biophys-
ical and biochemical results demonstrate that ResA preferen-
tially reduces an oxidized C-x-x-C-H motif contained within a
mimetic peptide derived from cytochrome c550, as compared
with oxidized glutathione (GSSG), making ResA a confirmed
example of a specific thiol-disulfide oxidoreductase. Thus, using
this combination of approaches, we show that ResA preferen-
tially recognizes specific binding partners with opposing redox
states, using an, as yet, incompletely characterized mechanism of
conformational change. Finally, the experimental approach de-
scribed here provides not only a reliable assay for identifying
similar mechanisms in other maturation systems, but also an in
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vitro assay to determine activity of thiol-disulfide oxidoreductase
membrane proteins.

Results and Discussion
Overall Structure Comparison and NMR Chemical Shift Assignments. A
high-quality electron-density map of the oxidized His-tagged
soluble domain of ResA (htsResAox) at 1.8 Å resolution was
obtained by means of multiwavelength anomalous diffraction
phasing using the anomalous signal of the incorporated Se
atoms. Refinement of the final atomic model was completed at
1.4 Å resolution with Rwork � 16.2% and Rfree � 17.5%. There
are two copies of oxidized htsResA in the asymmetric unit.
Although crystallization conditions were different, the mole-
cules in the crystal structures presented here and in a recent
report (ref. 21; PDB entry 1ST9) are packed in the same lattice
arrangement. Both structures are in close agreement as dem-
onstrated by the pairwise superposition of monomers (Table 2,
which is published as supporting information on the PNAS web
site). Because of the low rms deviation values for backbone
atoms, all models of ResAox are considered equivalent (Fig. 5a,
which is published as supporting information on the PNAS web
site).

Backbone chemical shifts of both reduced and oxidized states
of htsResA (htsResAred and htsResAox, respectively) were as-
signed from standard double and triple resonance NMR exper-
iments using uniformly 15N- and 15N�13C-labeled protein sam-
ples. Chemical shifts were assigned for the entire polypeptide
backbone except the His-tag for both states of htsResA; also not
assigned were chemical shifts for residues S37, E75, E80, and F81
for htsResAox. Secondary structure elements were derived from
an analysis of the backbone chemical shift assignments by using
the program TALOS (22). For htsResAox the secondary structure
elements assigned by NMR and from the x-ray structures are
consistent. However, for htsResAred there are differences in the
secondary structures assigned by NMR and x-ray crystallogra-
phy, which are discussed in the next section.

Redox-State-Dependent Conformational Changes in ResA. The solu-
tion properties of htsResAred and htsResAox were characterized by
measuring 2D 1H�15N heteronuclear single quantum coherence
(HSQC) spectra in the presence of DTT (htsResAred) and after full
oxidation by either mimetic peptide or GSSG (htsResAox). Differ-
ences between the spectra of htsResAred and htsResAox clearly
indicate significant backbone chemical shift changes distributed
throughout the protein (Fig. 1). These indicate significant changes
in the local environment around many backbone amides in
htsResA, suggestive of widespread conformational changes.

Redox-coupled conformational changes have been proposed
to be the mechanism by which ResA identifies its binding partner
during its redox cycle (21). This proposal is based on confor-
mational variations between the oxidized and reduced forms
(Fig. 5b) localized to active-site helix (�1), the �7–�4 loop, and
a cavity near the active site present on the surface of ResAred that
is discussed later. However, significant differences are also
observed in �3 and the N-terminal � hairpin (Fig. 5b). With an
overall rms deviation of 0.73 Å between 135 C� atoms of ResAred
and ResAox all of these observed backbone differences may
justifiably be viewed as an artifact related to crystallization, as
previously suggested by Crow et al. (21) for the variations at �3
and the N-terminal � hairpin. However, the other changes are
likely to be biologically relevant because the differences at �1 are
a consequence of the formation of the disulfide bond, whereas
the rearrangement of residues on the �7–�4 loop closes the
cavity on the surface of ResAox (21). In addition to the biolog-
ically relevant, redox-coupled changes seen in the x-ray struc-
tures, NMR analysis suggests that upon oxidation of ResA some
secondary structure elements might be shortened by one to three
residues. In comparison, the hydrogen bonding pattern and

length of secondary structure elements in the x-ray structures of
both htsResAred and htsResAox are identical with one notable
exception: the first four residues in helix 1 (�1) containing the
active site C77 are in a 310 hydrogen bonding pattern (Fig. 5b)
consistent with the unwinding found in the reduced form of
human thioredoxin (23–25). It is possible that crystal packing
prevents the variations in hydrogen bonding patterns consistent
with the secondary and tertiary structural changes indicated by
the substantial chemical shift changes observed by NMR
analysis.

An analysis of oxidation-induced changes in 15N, 13C, and 1H
chemical shifts allowed us to detail the structural changes in the
htsResA backbone (Fig. 2 a–d). Effects on tertiary structure are
revealed by the ��(HN,N) analysis (Fig. 2 a and b) whereas
influences on secondary structure are demonstrated by the
���ox-red analysis (Fig. 2 c and d). There are substantial chemical
shift changes to the htsResA backbone at regions removed by up
to 29 Å from the active site, including residues on �1, �2, and �4
within the protein core. In contrast, a similar analysis of human
thioredoxin indicated that conformational changes between the
oxidized and reduced forms are localized to residues 27–39,
which include the active site cysteines (C32 and C35) (23). Thus,
upon oxidation, ResA exhibits more extensive chemical shift
changes throughout the protein relative to those observed in
human thioredoxin.

The largest backbone chemical shifts map to htsResA residues
T72, W73, C74, E75, K79, Y117, D136, P139, L140, P141, T142,
and T159, which line a groove found on the surface of ResAred,
supporting the proposal that this is the binding surface for
oxidized apocytochrome c (21). This surface of htsResA is
structurally analogous to the substrate-interacting surface of
thioredoxin (24–27).

Residues Involved in Substrate Specificity. Because ResA exhibits
conformational changes reflecting its redox state, it is important
to identify residues responsible for regulating substrate interac-
tion in both the reduced and oxidized states. These residues were
identified from 1H�15N HSQC spectra measured while titrating
increasing amounts of mimetic peptide, such that the observed
chemical shift represented a population-weighted average of the
chemical shifts of the free and complexed states. In physiological
conditions, ResAred reduces the C-x-x-C-H motif disulfide of
oxidized apocytochrome c to free cysteines. However, in vitro, it
is technically impossible to simultaneously maintain the two

Fig. 1. Superimposed 1H�15N HSQC spectra of 1 mM 15N�13C-labeled
htsResAred (black contours) and htsResAox (red contours) recorded in the
presence of 10 mM DTT and after treatment with 20 mM GSSG, respectively,
indicate widespread chemical shift changes.
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interacting components in contrasting redox states. Therefore,
the titration was performed either with both htsResA and the
mimetic peptide reduced by 20 mM DTT or with both htsResA
and the mimetic peptide in their oxidized forms. These com-
plexes exhibited fast exchange on the NMR time scale. From
these experiments, residues whose chemical shifts were affected
by interaction with the mimetic peptide were identified (Fig. 6
a and b, which is published as supporting information on the
PNAS web site) (28, 29). Notably, several peaks have hooked or
bent trajectories, which is strongly suggestive of a three-state
binding mechanism where each of two sites interacts with
substrate at different affinities. Because these curved trajectories
complicated the standard �� analysis for titrations, we used a
cumulative shift analysis for these residues by summing the ��
for subsequent points in the titration to obtain an overall ��.
Although there is substantial overlap between the residues most
influenced in the reduced and oxidized conditions, these resi-
dues map to two distinct areas of htsResA (Fig. 3 a–d). With both
peptide and htsResA in the reduced state the residues map to the
proposed binding groove leading to the active site cysteines (Fig.
3b), whereas in the oxidized state the most highly perturbed
residues localized toward the C termini of the strands consti-
tuting the central �-sheet on the opposite side of �1 toward �2,
as well as along �3, adjacent to the active site (Fig. 3d). This
pattern is consistent with the theory that conformational
changes influence binding partner affinity.

The structures of human thioredoxin complexed with peptides
from NF�B clearly show that the orientation of the interacting
sequence is not important for a nonspecific thiol-disulfide oxi-
doreductase (24, 25). In contrast, it has been suggested that a
deeper pocket within the proposed binding groove on the surface
of ResAred recognizes the histidine of the C-x-x-C-H motif (21).
Our titration data indicate that the environment of residue V156,
whose carbonyl oxygen lines the bottom of this pocket, is
dramatically influenced by the presence of peptide in reducing

conditions (Fig. 3 a and b) but is significantly less affected in the
oxidized conditions (Fig. 3 c and d), experimentally verifying that
this pocket is involved in apocytochrome c recognition. Thus,
ResAred appears to use this redox-state-dependent surface fea-
ture to recognize and bind oxidized apocytochrome c in a
specific orientation.

Substrate Specificity Dictates Rate of Redox Changes in ResA. The
specificity of htsResA was estimated from a comparison of the
rates of conversion of htsResAred to htsResAox, measured by
1H�15N HSQC experiments using the oxidized mimetic peptide
and GSSG. Although the conversion from the reduced to the
oxidized state of htsResA was easily observed in all of the
1H�15N HSQC experiments, technical limitations prevented a
rate constant analysis of every peak. A common subset of 31
1H�15N HSQC peaks were analyzed for their rates of conversion
by plotting each peak’s normalized intensity versus time (Fig. 7,
which is published as supporting information on the PNAS web
site). Rate constants for each peak were derived by fitting the
decay of intensity for peaks corresponding to the reduced state
to a first order exponential equation. Overall mean rates for each
reaction condition were obtained by inputting the rate constants
for each of the 31 peaks into a 10% trimmed mean calculation
(Table 1). A comparison of these mean rates indicated that fully
reduced 15N-labeled htsResA was converted readily by both
substrates, and the conversion was limited by the concentration
of substrate. At all concentrations the rate of conversion by the
mimetic peptide was greater than that for GSSG (Table 1). This
rate enhancement could be a consequence of either of two
possibilities. First, the midpoint potential of the mimetic peptide
may be significantly more positive than that of glutathione, and
the larger difference in midpoint potentials may increase the rate
of the reaction. The second possibility is that ResA may use the
C-x-x-C-H motif for substrate recognition, which enhances the
rate of conversion by either enhancing binding affinity or
imposing a preferred orientation for electron transfer.

Fig. 2. Residues affected by the redox state of htsResA. (a) Chemical shift changes of the assigned 1H�15N values for the backbone amide groups are plotted
versus residue number. The color-coded bar denotes shift changes of �0.21 ppm (blue), 0.21–0.42 ppm (cyan), 0.42–0.63 ppm (lime-green), 0.63–0.84 ppm
(green), 0.84–1.05 ppm (yellow), and �1.05 ppm (red) with the colored lines corresponding to the lower boundaries of each range. (b) The ribbon diagrams of
htsResAox are color-coded by 1H�15N chemical shift changes according to the color-coded bar in a. Black denotes locations of unassigned or proline residues. (c)
Chemical shift changes between htsResAred and htsResAox of the assigned 13C values for C� and C� carbons are plotted versus residue number. The color-coded
bar denotes shift changes of �0.51 ppm (blue), 0.51–1.02 ppm (cyan), 1.02–1.53 ppm (green), 1.53–2.04 ppm (yellow), and �2.04 ppm (red) with the colored lines
corresponding to the lower boundaries of each range. (d) The ribbon diagrams of htsResAox are color-coded by 13C chemical shift changes according to the
color-coded bar in c. Black denotes unassigned residues.
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To distinguish between these two possibilities, we compared
the midpoint potential (Em) of the mimetic peptide with that of
glutathione and DTT, all of which oxidize ResA (Em � �345
mV). Strikingly, the midpoint potential of the mimetic peptide
(Em � �332 mV), determined from the fluorescence of the two
tyrosines in the peptide (Fig. 4), was more negative than the
established midpoint potential of glutathione (Em � �245 mV)
(30). Furthermore, the rate of conversion of ResA by oxidized
DTT, whose midpoint potential (Em � �330 mV) is similar to
that of the mimetic peptide, was dramatically slowed, and a clear
rate constant was not obtained (data not shown). This analysis
indicates that substrate-specific recognition, rather than a dif-
ference in midpoint potentials, dictates the peptide-mediated,
enhanced rate of conversion between htsResAred and htsResAox.
It is likely that enhanced binding affinity between ResA and
substrate, analogous to KM for enzyme reactions, or binding in
a preferred conformation that accelerates the electron transfer,
similar to kcat, is the primary accelerating factor for this con-
version. Despite the nonspecific nature of most thioredoxin-like
proteins, our data finally confirm ResA as a substrate-specific
thiol-disulfide oxidoreductase by biochemical characterization.

Theory of an Electron Control Point. The use of thioredoxin-
derived reducing equivalents is a fundamental requirement for
a variety of bacterial extracellular and periplasmic activities,
such as the activities of the disulfide bond forming (Dsb)
system, the crosslinking of spore coat proteins, and CCM.
These processes cannot be controlled by concentration depen-
dence alone; and, in the case of CCM, genetic elimination of
the terminal thioredoxin-like protein has been shown to
specifically abolish maturation of c-type cytochromes for a
number of systems (5, 14, 31, 32). Crow et al. (21) presented
a structure-based theory that ResA (system II CCM) uses
redox-coupled conformational changes to select its substrate.

Fig. 4. Determination of the midpoint potential of the mimetic peptide at
pH 6.9. The solid line represents a fit to the Nernst equation, n � 2. This gave
an Em value of �332 mV.

Fig. 3. htsResA residues influenced by titration of mimetic peptide in reducing (a and b) and oxidizing (c and d) conditions. (a) Chemical shift changes under
reducing conditions from the 1H�15N HSQC spectra plotted versus residue position. The color-coded bar denotes shift changes of �0.0417 ppm (blue),
0.0417–0.0834 ppm (cyan), 0.0834–0.125 ppm (lime-green), 0.125–0.167 ppm (green), 0.167–0.208 ppm (yellow), and �0.208 ppm (red) with the dashed colored
lines corresponding to the lower boundaries of each range. (b) The surface and ribbon representations of ResAred (PDB ID code 1SU9) are color-coded by chemical
shift ranges according to the color-coded bar in a. The active-site cysteines and the proposed histidine recognition pocket are indicated. The carbonyl group of
Val-156 (red) lines the histidine pocket and is clearly influenced during the titration. (c) Chemical shift changes from the 1H�15N HSQC spectra recorded under
oxidizing conditions plotted versus residue position. The color-coded bar denotes shift changes �0.0417 ppm (blue), 0.0417–0.0834 ppm (cyan), 0.0834–0.125
ppm (lime-green), 0.125–0.167 ppm (green), 0.167–0.208 ppm (yellow), and �0.208 ppm (red) with the dashed colored lines denoting the lower boundaries of
each range. (d) The surface and ribbon diagrams of htsResAox are color-coded by chemical shift ranges according to the color-coded bar in c. The data measured
under oxidizing conditions indicate a separate binding surface toward the top of htsResA as compared with the data measured under reducing conditions.

Table 1. Mean rate constants for conversion of htsResAred

to htsResAox

Concentration Peptide rate, min�1 GSSG rate, min�1

1 mM 0.0108 � 0.0012 0.00725 � 0.0005
250 �M 0.0036 � 0.0002 0.0015 � 0.0003
62.5 �M 0.00186 � 0.0003 N.D.

N.D., not determined.
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Here we have presented further evidence showing that ResA
does indeed undergo significant conformational shifts between
the reduced and oxidized states, and these changes may be
more extensive than what is observed in the x-ray structures.
Additionally, we have shown that ResAred specifically recog-
nizes a model peptide designed to mimic the oxidized form of
apocytochrome c. These results suggest a redox cycle in which
ResA, the terminal thioredoxin-like protein in B. subtilis CCM,
acts as a control point that siphons off the electrons needed for
CCM only in response to the direct availability of apocyto-
chrome c. Presumably, ResAox is regenerated to the reduced
state by nonspecific interactions with the integral membrane
thiol-disulfide oxidoreductase, CcdA. This idea is further
supported by the observation that CcdA regenerates not only
ResA, but also StoA, a protein involved in spore coat protein
crosslinking (13, 16, 17, 33). ResAred then specifically binds
oxidized apocytochrome c, ensuring that electrons are not lost
to random disulfides in the extracellular environment. This
redox-state-dependent selection of interaction partners by
ResA may be a general mechanism by which specific thiol-
disulfide oxidoreductases act as the control point for directing
electrons into protein maturation pathways. Finally, the ex-
periments presented here provide a reliable assay to explore
this possibility in other systems that exhibit thioredoxin part-
ner specificity.

Materials and Methods
Protein Expression and Purification. The His-tagged, soluble do-
main, comprising residues 37–179, of B. subtilis ResA (htsResA)
was cloned, expressed, and purified as described in ref. 14 with
the following modifications. Escherichia coli BL21(DE3) or
B834(DE3) cells were grown at 37°C before overnight induction
at 20°C. For structure determination, selenomethionine
htsResA was expressed in B834(DE3) cells grown in minimal
media supplemented with L-selenomethionine. Uniformly iso-
topically labeled htsResA used for NMR was expressed in
BL21(DE3) cells grown in M9 minimal media supplemented
with 1 g�liter U-15N ammonium chloride and 3 g�liter U-13C
glucose as needed. To fully oxidize the active site cysteines,
htsResA was incubated with 20 mM GSSG for 8–12 h before
desalting by using a HiPrep 26�10 Desalting column (Amersham
Pharmacia Biotech).

Crystallization and Structure Determination. Crystals were grown by
using the hanging drop vapor diffusion method. A drop con-
taining a 1:1 ratio of protein solution (13 mg/ml htsResA�25 mM
Hepes, pH 7.2�150 mM NaCl�1 mM EDTA) to reservoir
solution [100 mM Mes, pH 6.8�2.2 M (NH4)2SO4�2–5 mM
L-Cys] was suspended over a 1-ml reservoir. The crystals belong
to space group P65 with cell dimensions a � b � 61.1 Å and c �
166.8 Å, and two htsResA monomers per asymmetric unit
(VM � 2.64 Å3�Da).

Diffraction data were collected from crystals frozen in 20%
vol�vol glycerol at cryogenic conditions (100 K). High-resolution
diffraction data were collected at the Advanced Photon Source
(Argonne National Laboratory, Argonne, IL) synchrotron SBC
beamline BM19. For structure solution, a modified inverse-beam
procedure was used. A single pass of 120° of diffraction data
were collected at each of three wavelengths corresponding to
0.9807 Å (absorption peak), 0.9808 Å (inflection point), and
0.9537 Å (high-energy remote). This was repeated after a 180°
rotation about the oscillation axis for a total of 720° of data. For
model building and refinement, a two-pass high-resolution
data set was collected from another crystal at a wavelength of
0.9641 Å. The data were analyzed and reduced to averaged
intensities by using HKL2000 (34, 35). Intensities were converted
to structure factor amplitudes by using programs from the CCP4
suite (36, 37). Data collection statistics are summarized in Table

3, which is published as supporting information on the PNAS
web site.

The programs SOLVE and RESOLVE (38, 39) were used for
merging the three wavelength multiwavelength anomalous dif-
fraction data sets, phase determination, phase improvement, and
automated model building, using the data acquired at 0.9537 Å
as the reference set. All 10 Se sites expected were located and
their positional and scattering parameters refined before initial
phase calculation (overall figure of merit of 0.73). These phases
and structure factor amplitudes of the reference data set were
used to calculate an initial electron density map to 1.8 Å
resolution.

Model Building and Refinement. The program O (40) was used to
display electron density maps and to construct, revise, and
analyze atomic models. An initial model was constructed with
reference maps to 1.8 Å resolution. Model residue numbers are
consistent with the N-terminal start methionine of the full-
length protein being residue one. REFMAC5 (41) from the CCP4
suite (36, 37) was used with a maximum-likelihood target
function for automated refinement against the 1.4 Å resolution
data acquired at 0.9641 Å. The addition of ordered solvent
molecules, and protein components in alternative conforma-
tions, completed the refinement with R � 16.2% and Rfree �
17.5%. Additional model statistics are provided in Table 4, which
is published as supporting information on the PNAS web site.
The refined model of htsResAox and the structure factor ampli-
tudes are available in the Protein Data Bank (PDB ID code
2F9S).

NMR Spectroscopy. All NMR data were recorded at 35°C with
Varian Inova 500- and 600-MHz spectrometers and the pro-
grams NMRPIPE for data processing (42) and NMRVIEW for data
analysis (43). Backbone 15N, 13C, and 1H chemical shift assign-
ments were made by using standard methods and 3D HNCACB,
CBCA(CO)NH, HNCO, and HN(CA)CO data sets (44). To
study htsResA–substrate interactions, a peptide corresponding
to residues 53–73 of B. subtilis cytochrome c550 was chemically
synthesized. The reaction kinetics of htsResA with various
substrates were determined by recording 1H�15N HSQC spectra
sequentially obtained while 250 �M htsResA reacted with either
the mimetic peptide (62.5 �M, 250 �M, and 1 mM), GSSG (250
�M and 1 mM), or oxidized DTT (1 mM). Peak intensities for
31 selected peaks were followed and plotted versus time. These
intensities were fit to a first-order exponential equation (y �
A�exp(�xB) � C) in NMRVIEW to obtain rate constants for
individual sites, and these were subjected to a 10% trimmed
mean analysis to obtain a final global rate constant. Titrations of
fully oxidized and reduced samples were recorded as 1H�15N
HSQC spectra after stepwise addition of the mimetic peptide
substrate to U-15N-labeled htsResA. Titration analysis was per-
formed by using NMRVIEW to monitor the effect of substrate
addition on the change of chemical shift for various peaks
(Eq. 1):

��(HN, N) � �(��1H)2 � 0.1(��15N)2. [1]

A cumulative chemical shift was calculated based on the sum of
the distances between successive peaks while a total chemical
shift was calculated by the distance between peaks at the starting
peptide concentration and the positions of the corresponding
peaks at the final peptide concentration. Secondary structure
elements for the oxidized and reduced species were predicted by
using the � and 	 dihedral angles generated by an analysis of 15N,
13C, and 1H chemical shifts using TALOS (22). Additionally,
oxidation-induced tertiary structure changes were estimated by
evaluating chemical shift changes in the 1H�15N HSQC spectra
using Eq. 1, whereas changes in secondary structure were

4414 � www.pnas.org�cgi�doi�10.1073�pnas.0600552103 Colbert et al.



estimated by evaluating the deviation of backbone 13C� and 13C�
chemical shifts from random coil values (Eq. 2):

��ox 
 ��C�ox � �C� rc� � ��C�ox � �C� rc�

��red 
 ��C� red � �C� rc� � ��C� red � �C� rc�
[2]

���ox-red 
 ��ox � �� red

���ox-red 
 ���C�ox � �C�ox� � ��C� red � �C� red�	 ,

where �C�ox is the observed chemical shift value for a given C�
in oxidized htsResA, �C�red is the observed chemical shift for the
same atom in reduced htsResA, and �C�rc is the literature value
for the equivalent atom in a random coil conformation (45).
Thus, ��ox and ��red provide information similar to the well
established 13C chemical shift index method for determining
secondary structure (46), and ���ox-red corresponds to the effect
that oxidation has on these values.

Determination of Redox Potentials. The redox potential of the
mimetic peptide was determined by using a 50 �M solution of
fully oxidized peptide in deoxygenated buffer (25 mM PBS, pH
6.9). The peptide was incubated for 3 h at 25°C at a range of
redox potentials generated by varying ratios of oxidized and
reduced DTT, at a total concentration of 5 mM. Fluorescence
emission intensity was measured by exciting at 280 nm and
monitoring emission at 300–420 nm by using a PerkinElmer
LS55 fluorimeter with excitation and emission slits set to 2.5 nm.
Data were fit to the Nernst equation described by Erlendsson et
al. (14).
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