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Abstract Cyclic 3′,5′-guanylyl and adenylyl nucleotides function as second messengers
in eukaryotic signal transduction pathways and as sensory transducers in prokaryotes. The
nucleotidyl cyclases (NCs) that catalyze the synthesis of these molecules comprise several
evolutionarily distinct groups, of which class III is the largest. The domain structures of
prokaryotic and eukaryotic class III NCs are diverse, including a variety of regulatory and
transmembrane modules. Yet all members of this family contain one or two catalytic do-
mains, characterized by an evolutionarily ancient topological motif (βααββαβ) that is pre-
served in several other enzymes that catalyze the nucleophilic attack of a 3′-hydroxyl upon
a 5′ nucleotide phosphate. Two dyad-related catalytic domains compose one catalytic unit,
with the catalytic sites formed at the domain interface. The catalytic domains of mononu-
cleotidyl cyclases (MNCs) and diguanylate cyclases (DGCs) are called cyclase homology
domains (CHDs) and GGDEF domains, respectively. Prokaryotic NCs usually contain only
one catalytic domain and are catalytically active as intermolecular homodimers. The differ-
ent modes of dimerization in class III NCs probably evolved concurrently with their mode
of binding substrate. The catalytic mechanism of GGDEF domain homodimers is not com-
pletely understood, but they are expected to have a single active site with each subunit con-
tributing equivalent determinants to bind one GTP molecule or half a c-diGMP molecule.
CHD dimers have two potential dyad-related active sites, with both CHDs contributing de-
terminants to each site. Homodimeric class III MNCs have two equivalent catalytic sites,
although such enzymes may show half-of-sites reactivity. Eukaryotic class III MNCs often
contain two divergent CHDs, with only one catalytically competent site. All CHDs appear
to use a common catalytic mechanism, which requires the participation of two magnesium
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or manganese ions for binding polyphosphate groups and nucleophile activation. In contrast,
mechanisms for purine recognition and specificity are more diverse. Class III NCs are sub-
ject to regulation by small molecule effectors, endogenous domains, or exogenous protein
partners. Many of these regulators act by altering the interface of the catalytic domains and
therefore the integrity of the catalytic site(s). This review focuses on both conserved and
divergent mechanisms of class III NC function and regulation.

Introduction

Small-molecule second messengers such as inositol triphosphate, diacylglycerol, guanosine-
5′-triphosphate-3′-diphosphate, Ca2+, and the cyclic nucleotides (cNMPs), adenosine 3′-5′
cyclic monophosphate (cAMP), guanosine 3′-5′ cyclic monophosphate (cGMP) and bis-
(3′-5′)-cyclic di-guanosine monophosphate (c-diGMP), are key components of intracellular
signal transduction pathways in all cellular organisms. The first small-molecule second mes-
senger to be identified was cAMP, while c-diGMP is the most recently discovered (Barzu
and Danchin 1994; McCue et al. 2000; Romling et al. 2005). While cAMP has been found
in most cellular organisms except plants, cGMP has been found chiefly in eukaryotes, and
c-diGMP appears to be ubiquitous among prokaryotes (Cooper 2003; Linder and Schultz
2003; Romling et al. 2005; Shenoy and Visweswariah 2004). The cNMPs regulate cellu-
lar functions such as gene expression, metabolism, and ion flux in organisms ranging from
prokaryotes to mammals (Romling et al. 2005; Taussig and Zimmermann 1998). In meta-
zoans, cyclic nucleotides mediate processes such as cell growth, differentiation during em-
bryogenesis, cardiac contractility, transmission of nerve impulses, learning and memory,
and blood glucose homeostasis (Krupinski and Cali 1998; Smit and Iyengar 1998; Taussig
and Zimmermann 1998), while in unicellular organisms they have been shown to regulate
motility, chemotaxis, pathogenicity, response to osmotic stress and environmental acidifi-
cation, cell-to-cell-communication, biofilm formation, and multicellular behavior (Kimura
et al. 1997; Ladant and Ullmann 1999; Leppla 1982; Romling et al. 2005; Süsstrunk et al.
1998; Yahr et al. 1998). Intracellular levels of cNMPs are primarily regulated by their rate
of synthesis, although localization or subcellular compartmentalization, as well as their rate
of degradation by enzymes called phosphodiesterases, also plays an important role (Cooper
2003; Hanoune and Defer 2001). In vivo, cAMP, cGMP, and c-diGMP are synthesized by
nucleotidyl cyclases (NCs): adenylyl cyclases (ACs), guanylyl cyclases (GCs), and diguany-
late cyclases (DGCs), respectively. A comprehensive review by Barzu and Danchin grouped
mononucleotidyl cyclases (MNCs) that had been identified into three classes on the basis of
amino acid sequence, and summarized the biochemical information available for each class
(Barzu and Danchin 1994). Subsequently, reviews of NCs have chiefly focused on the most
universal of these three classes, the class III NCs. In the last few years, the structures of
the catalytic domains of various class III NCs have been solved. This review will primarily
focus on knowledge obtained from these structures in the context of available biochemical
information.

Classification

All NCs that have been identified are grouped into five nonhomologous classes based on
sequence similarity (Barzu and Danchin 1994; Cotta et al. 1998; Linder and Schultz 2003;
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Sismeiro et al. 1998). Each of the five classes of cyclases is expected to have a different
structural fold and mode of activity, suggesting that each class probably arose from differ-
ent ancestral enzymes. Despite these key differences, all NCs use nucleoside triphosphates
(NTPs) as substrate and catalyze identical chemical reactions, and consequently have con-
vergently evolved some common features for binding and catalysis. Except for the class III
NCs, enzymes belonging to the other classes appear to be MNCs that are strictly specific for
ATP.

Class I NCs are ACs that have been only found in gram-negative, enteric, γ-
proteobacteria such as Escherichia, Yersinia, Haemophilus and Pseudomonas. The class I
ACs from these bacteria are approximately 850-amino-acid proteins that are thought to
contain two domains: an N-terminal, catalytic domain of approximately 450 amino acids
and a C-terminal, regulatory domain of approximately 500 amino acids (Barzu and Danchin
1994; Holland et al. 1988; Reddy et al. 1995a). The primary structure of all ACs that have
been grouped in class I, which share between 50% and 99% sequence identity, is well
conserved. The class I ACs were the first NCs to be identified, yet have not been extensively
characterized and there are no representative structures. Therefore, residues important for
the activity of these ACs have not yet been identified.

Class II NCs are AC exotoxins secreted by pathogenic prokaryotes such as Bacillus
anthracis, Bordetella pertussis, and Pseudomonas aeroginosa (Barzu and Danchin 1994;
Ladant and Ullmann 1999; Leppla 1982; Yahr et al. 1998). These ACs differ considerably
in length, with the B. anthracis, B. pertussis, and P. aeroginosa enzymes comprising 800,
1,706, and 378 amino acids respectively. The catalytic fragments of each of these class II
ACs are approximately 360 amino acids in length and share less than 30% sequence identity
with each other. The architecture of the class II ACs from these three organisms diverges
greatly, with the conserved catalytic fragment attached to a variety of domains thought to
play a role in regulation. These cyclases are activated by different host cell factors and are
inactive until they are injected into the host cell. Structures of the catalytic domains of two
class II ACs, edema factor (EF) from B. anthracis and, more recently, CyaA from B. pertus-
sis, have been determined (Drum et al. 2002; Guo et al. 2004, 2005; Shen et al. 2005).

Class III constitutes the largest and most diverse family of NCs. It includes all DGCs,
GCs, and eukaryotic ACs identified to date, as well as ACs from many prokaryotes. The cat-
alytic domains of class III NCs are approximately 180 amino acids in length. The catalytic
domains of the class III MNCs, the ACs and GCs, are often called cyclase homology do-
mains (CHDs), while those of the DGCs are called GGDEF domains, based on the presence
of a highly conserved Gly-Gly-Asp-Glu-Phe sequence motif. Notably, the central Gly-Asp
couple of this motif is a very highly conserved sequence feature of the CHDs as well. Both
CHDs and GGDEF domains are highly divergent and therefore difficult to identify solely
from sequence. In fact, only four residues, an aspartate, the Gly-Asp motif described above,
and another glycine are well-conserved among all class III NCs (Fig. 1). The biochemical
significance of the numerous variations among the catalytic domains of class III NCs, such
as differences in residues implicated in catalysis and insertions in the core fold that may be
responsible for varying modes of regulation, has yet to be completely understood.

The evolutionary relationship between CHDs and GGDEF domains has been previously
investigated (Pei and Grishin 2001). It was noted that outliers among the GGDEF domains
sometimes share higher sequence identity with some CHDs, than with other GGDEF do-
mains. The small size of these domains combined with their divergent sequences prevented
construction of a reliable phylogenetic tree, yet it was clear that GGDEF domains and CHDs
belong to separate groups. GGDEF domains may be further subdivided into two clusters, one
comprising of DGCs from eubacteria, and the other including DGCs from archaebacteria as
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Fig. 1� Structure-based sequence alignments of catalytic domains of class III NCs. Biological sources and
either PDB codes for class III NCs of known structure or accession numbers for other class III NC se-
quences are: VC1 Canine AC VC1 (1CJK_A), IIC2 Rat AC IIC2 (1CJK_B), SpCyaC Spirulina platensis
CyaC (1WC6), Rv1900c and Rv1264 Mycobacterium tuberculosis Rv1900c (1YBU) and Rv1264 (1Y11) re-
spectively; 4.1 and 4.3 Trypanosoma brucei GRESAGs 4.1 (1FX2) and 4.3 (1FX4) respectively, GCa3 and
GCb3 Canine soluble GC1 subunits α3 (gi:65301169) and β3 (gi:65294809) respectively, ReCyaC Rhizo-
bium etli CyaC (gi: 20530211), PleD Caulobacter crescentus (1W25). The first residue of each sequence in
each alignment bloc is indicated. The “#” symbol indicates residues 151–191 of ReCyaC which are omitted
from the alignment. Consensus secondary structure elements deduced from class III NCs of known struc-
ture are shown above the alignment and are numbered according to the core class III NC fold, and not in
context of the individual full-length proteins. Bold white letters highlighted against colored backgrounds in-
dicate conserved residues important for the activity of class III NCs. The role of these conserved residues
is indicated above and below the alignment for CHDs and GGDEF domains, respectively, by: s structural,
m metal-coordinating, f phosphate-bonding, r ribose-bonding, p purine-interacting. Secondary structure ele-
ments and conserved residues common to both class III NCs and type I DNA polymerases are highlighted in
gray, those common to all class III NCs are highlighted in red, those conserved only among either the CHDs
or GGDEF domains are highlighted in blue or green, respectively, and where possible, features unique to
individual enzymes are shown in yellow. This figure was made using the program ALSCRIPT (Barton 1993)

well as some eubacteria. Recently, the first structure of a GGDEF domain, PleD, a DGC
from Caulobacter crescentus was solved, and conclusively demonstrated that this domain
belongs to the class III NCs (Table 1; Chan et al. 2004).

As for the GGDEF domains, some divergent CHDs share higher sequence identity with
some GGDEF domains than with the more closely related members within the CHD fam-
ily. Linder and Schultz have subdivided CHDs into subclasses IIIa–d based on variations in
residues required for catalysis as well as the length of a β-ribbon located between a glycine
and an aspartate that are conserved among most CHDs (Fig. 1; Linder and Schultz 2003).
McCue et al. have subdivided mycobacterial CHDs into classes I–V according to the statisti-
cal occurrence of amino acids at each residue position (McCue et al. 2000). The functional,
structural, and evolutionary implications of these subdivisions have yet to be completely
explored. Available CHD structures include those of the C1 domain of type V mammalian
AC (VC1) and the C2 domain of type II mammalian AC (IIC2), trypanosomal GRESAG 4.1
and 4.3, Spirulina platensis CyaC, and Mycobacterium tuberculosis Rv1900c, Rv1264, and
Rv1625c (Table 1; Bieger and Essen 2001; Ketkar et al. 2006; Mou et al. 2005; Sinha et al.
2005; Steegborn et al. 2005a, b; Tesmer et al. 1997, 1999, 2000; Tews et al. 2005; Zhang et
al. 1997).

The architecture of class III NCs diverges greatly. However, mammalian ACs, which
have been the focus of extensive biochemical and structural analyses, are fairly well con-
served. Nine of ten mammalian ACs that have been identified are membrane-bound AC
(mAC) homologs sharing sequence identities ranging from approximately 50% to 90%
(Sunahara et al. 1996) and are complex molecules consisting of two tandem repeats of
a hexa-helical transmembrane domain and a cytoplasmic, catalytic CHD. Activity of these
NCs requires intramolecular association between the N-terminal CHD (C1) and C-terminal
CHD (C2) of each cyclase molecule (Dessauer and Gilman 1997; Dessauer et al. 1997;
Whisnant et al. 1996; Yan et al. 1996). Studies of mACs have answered some of the basic
questions about mechanisms of activity of this family. The function, regulation, and tis-
sue distribution of different mammalian AC homologs have been summarized in several
reviews (Cooper et al. 1994; Cooper 2003; Hanoune and Defer 2001; Krupinski and Cali
1998; Smit and Iyengar 1998; Sunahara et al. 1996; Sunahara and Taussig 2002; Tang et al.
1998; Taussig and Zimmermann 1998), and the structure and molecular basis of the catalytic
mechanism and regulation of mammalian CHDs have been discussed (Hurley 1998, 1999;
Simonds 1999; Tesmer and Sprang 1998). Prokaryotic class III NCs differ considerably in
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Table 1 Structures of class III NCs. ATP analogs that have been co-crystallized with CHDs include
5′-(α-thio)-triphosphate (ATPαS), β-L-2′,3′-dideoxy-adenosine-5′ -triphosphate (βLddATP) and α,β-
methyleneadenosine 5′-triphosphate (AMPCPP). Pyrophosphate (PPi) and P-site inhibitors that have
been co-crystallized with the mAC VC1-IIC2 heterodimer include 2′-deoxyadenosine 3′-monophosphate
(2d3AMP) and 2′,5′-dideoxy-adenosine-3′ -triphosphate (dd3ATP). 2′(3′)-O-(N-methylanthraniloyl)-
guanosine-5′ -triphosphate (MANT-GTP) is a nonphysiological inhibitor that binds to the active site of the
mAC VC1-IIC2 heterodimer. Crystals for coordinate set 1WC6 contained bicarbonate; see text

PDB Protein Substrate/ Metal Regulatory Reference
ID product analogs A-site B-site molecules

Cyclase homology domains
1AB8 IIC2 – – – Forskolin Zhang et al.

1997
1AZS VC1-IIC2 – – – Forskolin, Gsα Tesmer et al.

1997
1CJK VC1-IIC2 ATPαS Mg2+ Mn2+ Forskolin, Gsα Tesmer et al.

1999
1CJU VC1-IIC2 βLddATP Mg2+ Mg2+ Forskolin, Gsα Tesmer et al.

1999
1CS4 VC1-IIC2 2d3AMP, PPi – Mg2+ Forskolin, Gsα Tesmer et al.

2000
1CUL VC1-IIC2 dd3ATP, PPi Mg2+ Mg2+ Forskolin, Gsα Tesmer et al.

2000
1TL7 VC1-IIC2 – Mn2+ Mn2+ MANTGTP Mou et al.

2005
1YBT Rv1900c – – – – Sinha et al.

2005
1YBU Rv1900c AMPCPP – Mn2+ – Sinha et al.

2005
1Y10 Rv1264 – – – – Tews et al.

2005
1Y11 Rv1264 – – – – Tews et al.

2005
1YK9 Rv1625c – – – – Ketkar et al.

2006
1FX2 GRESAG 4.1 – – – – Bieger and Essen

2001
1FX4 GRESAG 4.4 – – – – Bieger and Essen

2001
1WC0 CyaC AMPCPP – Mg2+ – Steegborn et al.

2005b
1WC1 CyaC ATPαS Mg2+ Mg2+ – Steegborn et al.

2005b
1WC6 CyaC ATPαS Mg2+ Mg2+ – Steegborn et al.

2005b
1WC5 CyaC AMPCPP Displaced Mg2+ – Steegborn et al.

Mg2+ 2005b
2BW7 CyaC AMPCPP Displaced Mg2+ Catechol Steegborn et al.

Mg2+ 2005a

GGDEF domains
1W25 PleD c-diGMP – – c-diGMP Chan et al. 2004

length, as their catalytic domains may be linked to a wide variety of other domains respon-
sible for sensing appropriate signals and regulation or interaction with other proteins. In
contrast to the mammalian ACs, class III MNCs from lower organisms often have a simpler
organization than the mammalian ACs, and typically contain only one CHD.
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ACs in the bacteria Aeromonas hydrophila and Prevotella ruminicola were identified on
the basis of their ability to complement Escherichia coli cyclase knockout mutants (Cotta et
al. 1998; Sismeiro et al. 1998). These ACs do not share detectable sequence similarity with
the three classes of NCs described above, or to each other, nor do they appear to contain, in
appropriate register, residues that have been shown to be important for function in the class II
and class III cyclases. Thus, they have been placed in classes IV and V, respectively (Cotta
et al. 1998; Linder and Schultz 2003; Sismeiro et al. 1998). Very recently, the structure of
a class IV AC from Vibrio parahaemolyticus and Yersinia pestis has been solved (Gallagher
et al. 2006). Yet another AC—CyaC from Rhizobium etli, also identified by its ability to
restore AC activity in E. coli cyclase knockout mutants—has been proposed to constitute
a sixth class of cyclases (Tellez-Sosa et al. 2002). However, several key residues required
for binding and catalysis by the class III NCs are present at similar relative positions in this
protein, although it shares less than 15% sequence identity with other class III NCs that have
been studied (Fig. 1). Thus, in the absence of further structural, mutational, or biochemical
evidence, it is likely that this enzyme and other close homologs may simply constitute yet
another subfamily of class III NCs.

Structural homology of class III NCs

The first NC structures determined were those of class III CHDs belonging to the mam-
malian ACs. The core fold of the CHDs was determined from the structure of the mammalian
IIC2 domain (Zhang et al. 1997) and verified by subsequent structures of CHDs (Table 1;
Fig. 2a). The core fold of the GGDEF domains was determined more recently from the
Caulobacter crescentus PleD structure (Fig. 2b; Chan et al. 2004). As has been previously
discussed, numerous proteins, including the palm domain of type I DNA polymerases and
the catalytic domains of class III NCs share a ferredoxin-like βαββαβ structural motif, such
that the αββ connection between the two βαβ repeat units is left-handed (Fig. 2c; Artymiuk
et al. 1997; Murzin 1998; Pei and Grishin 2001). This motif corresponds to β1-α2-β2-β3-
α3-β4 of the class III NC core fold, in which the strands form a part of the central β-sheet
(β2-β3-β1-β4). In all class III NCs and the palm domain of type I DNA polymerases, a short
helix, α1, is inserted between β1 and α2, and the α2 helix is long. Thus, these two protein
families have a common core βααββαβ structural motif (Fig. 2a–c).

Two aspartic acid residues that are invariant among CHDs have been shown to be crit-
ical for catalysis. These residues are located on the core βααββαβ structural motif; the first
is the penultimate residue of β1, while the second is located at the C-terminus of the β2-β3
loop (Figs. 1 and 3a). These two aspartates are also very highly conserved in the GGDEF
domains, although in many homologs the β2-β3 loop aspartate, which corresponds to the
central residue of the GGDEF motif, is substituted by a glutamate (Figs. 1 and 3b). The core
βααββαβ structural motif of the type I DNA polymerases also bears two invariant aspartates
critical for catalysis at topologically equivalent positions (Fig. 3c). The conservation of the
βααββαβ structural motif (Fig. 2), combined with the preservation of catalytically impor-
tant residues (Fig. 3) in class III NCs and type I DNA polymerases, suggests that these two
enzyme families share a common ancestor.

The core βααββαβ structural motif of class III NCs is further extended by a helix (α4)
and another strand (β5) (Figs. 1 and 2a–b). Thus, as was previously predicted, the CHDs
and GGDEF domains have a common order of core secondary structure elements consisting
of β1-α1-α2-β2-β3-α3-β4-α4-β5, that folds into a compact α/β sandwich (Pei and Grishin
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Fig. 2a–c The βααββαβαβ structural motif conserved in class III NCs and DNA polymerases. Secondary
structure elements are colored and labeled as in Fig. 1. This and all molecular figures were made using the
program PYMOL (http://pymol.sourceforge.net/). a CHD fold with secondary structural elements labeled. b
GGDEF domain fold. c Palm domain of DNA polymerase

Fig. 3a–c Structural equivalence residues highly conserved in class III NCs and DNA polymerases. Sec-
ondary structure elements are colored and labeled as in Fig. 1. Conserved residues—including the two acidic
residues conserved in both these enzyme families, and the β2-β3 loop glycine conserved in class III NCs—
are shown in molecular detail. Metal ions are indicated by black spheres. a CHD. b GGDEF domain. c Palm
domain of type I DNA polymerase

2001). This catalytic core fold is conserved among all class III NCs and consists of a cen-
tral, five-stranded, antiparallel β-sheet of strand order β2-β3-β1-β4-β5, with three helices,
α1–α3, on the back face of this sheet and another helix, α4, on the front face (Figs. 1 and
2a–b). In addition to the two invariant acidic residues on β1 and the β2-β3 loop, two con-
served glycines are located at structurally equivalent positions in all class III NCs (Figs. 1
and 3a–b). The first glycine precedes the conserved acidic residue on the β2-β3 loop. Thus,
the β2-β3 loop of all class III NCs bears a conserved Gly-Asp pair, which in DGCs corre-
sponds to the second residue of the GGDEF motif. The Φ,Ψ dihedral angles of this glycine
map to unfavorable regions of the Ramachandran plot in all available class III NC struc-
tures, indicating that a glycine at this position may be important for maintaining a specific
conformation of the β2-β3 loop. The second glycine conserved in class III NCs maps to
the middle of β4 and is sometimes substituted by other small residues such as alanine. This
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glycine is conserved due to steric constraints arising from the packing of α4 against β4 (Pei
and Grishin 2001). This β4 glycine is not conserved in the palm domains of type I DNA
polymerases, as the core βααββαβ structural motif of these domains is not extended by the
α4-β5 extension present in class III NCs.

Distinct insertions into the conserved class III NC core fold further distinguish the CHDs
from the GGDEF domains. The GGDEF domain of C. crescentus PleD is modified by a sub-
domain composed of a β-hairpin (β0-β0′) and a helix (α0) that precedes the class III NC core
fold as well as by another β-hairpin (β3′-β3′′) inserted between β3 and α3 of the class III
NC core (Fig. 2b). The function and conservation of these insertions among the GGDEF
domains remains to be fully investigated. However, sequence alignments suggest that the
β3′-β3′′ is absent among archaeal and some bacterial GGDEF domains and may be a distin-
guishing feature between subgroups of GGDEF domains (Pei and Grishin 2001).

The class III NC core fold in all CHDs is modified by two insertions, which constitute
the most variable features of CHDs (Figs. 1, 2a, and 4). The first of these insertions, named
the dimerization arm, is introduced between β4 and α4, and consists of a β-ribbon compris-
ing C-terminal residues of the extended β4 strand and an antiparallel β-strand (β4′). The
dimerization arm is bounded by two almost-invariant glycines (Fig. 1). The first of these
glycines corresponds to the last β4 residue within the class III NC core, while the second,
which is occasionally substituted by a serine, precedes α4 of the class III NC core at the
end of the dimerization arm (Fig. 1). The Φ,Ψ dihedral angles for both these glycines map
to unfavorable regions of the Ramachandran plot in all available CHD structures, indicating
that glycines at these position facilitate the bending of β4 and the tight turn between the
dimerization arm and α4. The length of this dimerization arm defined by these two invariant
glycines ranges from 10 to 19 residues and constitutes an important distinguishing feature
among the four CHD subclasses designated by Linder and Schultz (Figs. 1 and 4; Linder and
Schultz 2003). In some homologs, the N-terminal residues of β1 are also hydrogen-bonded
to the β-ribbon of the dimerization arm, forming a three-stranded β-sheet of strand order
β1-β4-β4′ (Fig. 2a). The second CHD-specific insertion follows β5 of the class III NC core
fold and consists of a helix, α5, followed by an antiparallel β-hairpin, β6-β7 (called β7-β8
in structures of CHDs) that extends the central β-sheet by two strands. Compared to other
CHD structures, β5 is shorter in mammalian VC1 domains, and the β6-β7 hairpin is replaced
by an Ω loop consisting of two short α-helices (Tesmer et al. 1997). A glycine, whose Φ,Ψ
dihedral angles also map to generously allowed regions of the Ramachandran plot, is almost
invariant on the β6-β7 loop of all CHDs in which the following residue is a basic residue
that hydrogen-bonds the polyphosphate group of substrate or product, suggesting that this
glycine assists in positioning the basic residue in these CHDs (Fig. 1).

According to the Linder and Schultz classification, the mammalian VC1 and IIC2 do-
mains and the Rv1625c CHD belong to class IIIa, S. platensis CyaC belongs to class IIIb,
M. tuberculosis Rv1900c and Rv1264 belong to class IIIc, and the trypanosomal GRESAG
ACs belong to class IIId (Linder and Schultz 2003). Thus, structures of CHDs from nearly
the full spectrum of class III NCs have now been determined (Fig. 4 and Table 1). All of
these CHDs have the same CHD core fold, but have diverged with respect to insertions such
as the length of the β4-β4′ ribbon (dimerization arm), the length and structure of the α5-
β6-β7 subdomain, and the presence of variable insertions such as the δ-subdomain of the
trypanosomal GRESAG proteins (Fig. 4).
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Fig. 4 CHDs from subclasses IIIa–d. Structural elements constituting the core class III NC fold are much
better conserved than the CHD-specific features. PDB IDs of the superimposed CHDs from subclasses a–d
are CanineVC1 (1CJK_A) in green, S. platensis CyaC (1WC6) in blue, M. tuberculosis Rv1900c (1YBU) in
black, and Trypanosomal GRESAG 4.1 (1FX2) in red, respectively

Quaternary structure of class III NCs

Structures of the catalytically competent VC1-IIC2 heterodimers in complex with substrate
analogs or inhibitors (Tesmer et al. 1997) conclusively demonstrated that CHDs are active
only as dimers, as had been suggested on the basis of solution studies of these domains
(Dessauer and Gilman 1997; Dessauer et al. 1997; Scholich et al. 1997a; Tang and Gilman
1995; Whisnant et al. 1996; Yan et al. 1996). The GGDEF domains have not been studied
as extensively, but the recent structure of C. crescentus PleD, in complex with the c-diGMP,
suggests that dimerization is a prerequisite for catalysis by these enzymes as well (Chan et
al. 2004).

The mammalian ACs were the first NCs to be extensively studied. Structures of cat-
alytically competent VC1-IIC2 heterodimers demonstrated that CHDs form intramolecular,
isologous dimers (Tesmer et al. 1997). As the two CHDs are homologous, but have non-
identical sequences and associated structural variations, these intramolecular heterodimers
are pseudo-symmetrical. Class III NCs from lower organisms typically contain only
one CHD and are active as intermolecular homodimers (Guo et al. 2001; Linder and
Schultz 2003). Structures of three homodimeric NCs, two from M. tuberculosis and one
from the cyanobacterium S. platensis, indicate that these homodimeric CHDs may form
either pseudo-symmetrical or perfectly symmetrical, isologous homodimers, depending on
structural differences between the chemically identical CHDs (Sinha et al. 2005; Steegborn
et al. 2005b; Tews et al. 2005). Thus, packing interactions between dyad-related CHDs may
be symmetrical or pseudo-symmetrical.

Dimerization contacts between CHDs are extensive, burying 1,500–3,500 Å of the total
accessible surface area at the dimer interface and involving both hydrophobic and electro-
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static interactions. One face of the dimer, termed the ventral face (the side of the dimer
from which substrates can enter the catalytic site), bears a shallow trough that runs along
the dimer interface perpendicular to the dyad axis (Fig. 5a). The β2-β3 hairpins from each
subunit abut each other at the center of the dimer interface, dividing this trough into two
nucleotide-binding sites related by the dyad axis. While the two β2-β3 hairpins always form
the inner edge of each site, the outer edge is usually bordered by the dimerization arm of one
CHD packed against α2, the α1-α2 turn and in some structures, β2 of the other CHD. Addi-
tionally, the β4′-α4 turn of one subunit contacts the α1-α2 turn of the other subunit (Fig. 5a).
In some CHDs dimerization may be significantly perturbed by mutations on the dimerization
arm or the β2-β3 hairpin (Ketkar et al. 2004, 2006; Shenoy et al. 2003). There are signif-
icant variations in these packing interactions, not only between dimers of different CHDs,
but also between the dyad-related elements of pseudo-symmetrical dimers. Notably, com-
pared to the class IIIa and class IIIb CHDs, the dimerization arms of the class IIIc CHDs are
shorter (Fig. 1; Linder and Schultz 2003) and make fewer inter-domain contacts, accounting
for a decrease of approximately 1,500 Å of surface area buried at the dimer interface of these
CHDs (Sinha et al. 2005; Tews et al. 2005).

Each of the two dyad-related sites at the CHD dimer interface constitutes a potential
active site (Fig. 5a). Residues from each domain line both potential active sites. The β2-β3
hairpin of each CHD, which participates in both sites, divides each CHD into two structural
modules. The first module comprises the β1-α1-α2-β2-β3-α3-β4 core structural motif that
is conserved among class III NCs and type I DNA polymerases and provides most of the
determinants for binding divalent metal cations and polyphosphate groups, as well as ele-
ments essential for chemical reactions involving a 3′-5′-phosphodiester bond. The second
module is composed of the α4-β5 core fold extension present in all the class III NCs, as well
as the two CHD-specific insertions, the β4-β4′ dimerization arm and the α5-β6-β7 exten-
sion (Fig. 2a) and provides most of the elements for binding the nucleotide base and ribose.
Within each CHD, the first module contributes residues to one binding site, while residues
from the second module participate in the dyad-related binding site.

Fig. 5 Dimers of class III NCs. The two subunits are colored green and salmon, and active sites are indicated
by bound ligands depicted in molecular detail. Secondary structure elements and termini of the polypeptide
chain of one subunit are labeled as in Fig. 1. a CHD domain catalytic dimer. b Proposed GGDEF domain
catalytic dimer. Note the different dyad axes relating the subunits of each of these dimers
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Oligomerization of GGDEF domains in their active state in solution has not been clearly
established. However, the C. crescentus PleD structure in complex with the product c-
diGMP indicates that a single GGDEF domain provides binding determinants for only one
GTP, or half of a c-diGMP molecule, suggesting that dimerization is essential for activ-
ity (Chan et al. 2004). Indeed, the binding determinants for the other half of the c-diGMP
molecule are provided by a second PleD molecule, related to the first by the dyad axis of
the c-diGMP (Fig. 5b). However, it is not certain whether the dimers observed in crystals
correspond to a biologically relevant arrangement of subunits as, unlike most physiolog-
ical dimers, the two subunits do not make any direct protein–protein interaction and are
linked only by the shared c-diGMP molecule (Fig. 5b). The paucity of interactions between
subunits is also in contrast to the extensive dimerization contacts seen between subunits in
the CHD dimers. Although, like the CHD homodimers, the active site of GGDEF domains
is also located at the dimer interface, unlike the CHD homodimers, each GGDEF domain
contributes all the elements to bind one GTP molecule (Fig. 5). Further, unlike the CHD
homodimers, which have two chemically equivalent active sites, the GTP-binding sites of
two GGDEF domains combine to form a single active site (Fig. 5). The proposed two-fold
symmetry axis that relates subunits in a catalytically competent GGDEF domain dimer is
different from that which relates subunits in a CHD dimer.

Active sites and catalytic mechanism

NCs catalyze the synthesis of 3′,5′ cNMPs from their respective NTPs. Most NCs are spe-
cific for either ATP or GTP. The cyclization reaction has been observed to proceed with
an inversion of stereochemistry in the class III mammalian ACs, suggesting that it in-
volves the in-line nucleophilic attack of the ATP 3′-hydroxyl on the 5′ α-phosphate, leading
to a pentavalent-phosphate transition state intermediate. and subsequently to the products
cAMP and pyrophosphate (Eckstein et al. 1981). It is likely that this chemical reaction mech-
anism is common to all class III NCs. Thus, all class III NC active sites are constrained by
the common objectives of binding NTP, distinguishing between ATP and GTP, increasing
the nucleophilicity of the 3′-hydroxyl, as well as a mechanism that facilitates the release of
products. Further, as the cyclization reaction catalyzed by the MNCs is intramolecular, the
active sites of these enzymes are expected to have the ability to stabilize the strained tran-
sition state ribose conformation, required for the displacement of the 5′ pyrophosphate by
the 3′-hydroxyl (Tesmer et al. 2000). In the next two sections we discuss and compare the
mechanism of binding, catalysis, and substrate release by CHDs and GGDEF domains. In
all subsequent descriptions of NC active sites, functionally important or conserved residues
are identified by the secondary structure elements on which they are located.

CHD active sites

Structures of the catalytically competent VC1-IIC2 heterodimers, and subsequently of CHD
homodimers, demonstrated that, in both hetero- and homodimers the active site is located in
a deep groove at the interface of the CHDs (Sinha et al. 2005; Steegborn et al. 2005b; Tesmer
et al. 1997; Tews et al. 2005). Structures of the mammalian VC1-IIC2 CHD heterodimers as
well as the M. tuberculosis Rv1900c and the S. platensis CyaC CHD homodimers, in com-
plex with various ligands (Table 1) have enabled investigators to elucidate the general mode
by which CHDs bind the substrate ATP (Fig. 6a). NC active sites require elements to bind
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Fig. 6a, b Active site of class III MNCs. The two CHDs are colored as in Fig. 5 and secondary structures
labeled as in Fig. 1. Secondary structures from the module comprising the core βααββαβ structural motif of
one CHD are denoted by a superscripted A (A), while those from the second module comprised of class III
NC-specific or CHD-specific elements from the other CHD are denoted by a superscripted B (B). Molecular
details of bound ligands and of protein residues that play a role in substrate binding and catalysis are shown.
Solid, black lines represent the coordination sphere of the bound metals while dashed, black lines indicate
hydrogen bonds. a ATP analog ATPαS-bound active site. Protein elements that obstruct this view of the active
site are not shown. b Purine-binding sub-site

the negatively charged polyphosphate group and stabilize the ribose and purine moieties of
the NTP. In CHDs the former role is primarily performed by electrostatic interactions with
basic amino acids and coordination by divalent metal cations, which in turn are coordinated
by carboxylate and carbonyl groups from the protein. In contrast, the mechanism of binding
the ribose and purine appear to be less specific and therefore less well conserved, chiefly
involving hydrophobic packing and stacking interactions, although polar interactions play
an important role in purine recognition. As described above, residues from each CHD con-
tribute to both dyad-related binding sites (Sinha et al. 2005; Steegborn et al. 2005b; Tesmer
et al. 1997). Thus, each dyad-related site is formed by residues from the β2-β3 loop of both
CHDs, residues from the first module comprising the core βααββαβ structural motif of one
CHD denoted by a superscripted A (A), and residues from the second module made up of
class III NC-specific or CHD-specific elements from the other CHD, denoted by a super-
scripted B (B) (Fig. 6a).

Coordination of metal in CHD active sites

Like most other enzymes that catalyze reactions involving phosphodiester bonds, such as
RNA and DNA polymerases and ribozymes, CHDs require divalent metal cations for catal-
ysis (Beese and Steitz 1991; Doublié and Ellenberger 1998; Steitz 1993, 1999; Steitz et al.
1994; Steitz and Steitz 1993; Tesmer et al. 1997; Zimmermann et al. 1998). Based on evi-
dence from mutagenesis (Zimmermann et al. 1998), and crystal structures of the VC1-IIC2
heterodimer in complex with ATP analogs Rp-ATPαS or βLddATP (Tesmer et al. 1999), the
active site binds two divalent metal cations (Fig. 6a). These metal cations occupy sites re-
ferred to as “A” and “B,” in analogy to corresponding sites in DNA and RNA polymerases
(Doublié and Ellenberger 1998; Tesmer et al. 1999). The B-site is typically occupied by
Mg2+ or Mn2+ in structures of CHDs to which NTPs (or pyrophosphate) are bound, indicat-
ing that binding of metal at this site is a prerequisite to binding the β and γ phosphates of the
substrate ATP, or the by-product of ATP cyclization, pyrophosphate (Mou et al. 2005; Sinha
et al. 2005; Steegborn et al. 2005b; Tesmer et al. 1999). The B-site metal cation is typically
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bound in an octahedral coordination shell that includes at least one (but sometimes both)
carboxylate from each of β1A AspA and β2A-β3A loop AspA, the first backbone carbonyl
of the β1A-α1A loop (often called the phosphate-binding or P-loopA), two or three oxy-
gens from the polyphosphate moiety, and one or more water molecules (Fig. 6a). The A-site
metal is usually tetrahedrally coordinated by either one or both carboxylate oxygens from
β1A AspA and β2A-β3A AspA, one or two oxygens from the ATP α-phosphate, and a water
molecule (Tesmer et al. 1999). In the structure of S. platensis CyaC in complex with ATPαS,
the A-site metal is also hydrogen-bonded to the 3′-hydroxyl of Rp-ATPαS, consistent with
its proposed role in catalysis (see below; Steegborn et al. 2005b). In the crystal structures of
several CHD complexes, the A-site appears to be occupied by a water molecule, or only par-
tially occupied by metal ion (Sinha et al. 2005; Steegborn et al. 2005b; Tesmer et al. 1999).
The A-site may be sterically blocked in structures of VC1:IIC2 bound to P-site inhibitors
with 3′ phosphate substituents (Tesmer et al. 1997, 2000). Although Mg2+ is thought to be
the physiologically relevant cofactor for most CHDs, bonds constituting the coordination
shell of each metal site are longer than those typical for Mg2+. This may explain the en-
hanced activity of most CHDs in the presence of larger divalent metal cations like Mn2+.
Further, structural evidence indicates that the A-site preferentially binds and is inhibited by
Zn2+, perhaps because a tetrahedral coordination geometry is inherently favored at this site,
while the B-site preferentially binds metal cations that favor an octahedral coordination ge-
ometry such as Mn2+, Ca2+, Sr2+, and Eu2+ (Steegborn et al. 2005b; Tesmer et al. 1999).
The two aspartates responsible for coordinating metal, β1A AspA and β2A-β3A loop AspA,
are invariant among most CHDs and constitute the best-conserved features of CHD active
sites. This emphasizes the importance of metal cations, not only in binding ATP, but also for
catalysis. The importance of these aspartates, and implicitly the metals they coordinate, is
underscored by evidence that mutations of these residues dramatically reduce activity (Liu
et al. 1997; Sinha et al. 2005; Tang et al. 1995; Tesmer et al. 1999). The two metal sites
are separated by 3.9 Å in most enzymes that utilize two divalent metal cations to catalyze
chemical reactions involving phosphodiester bonds (Beese and Steitz 1991; Doublié and
Ellenberger 1998; Steitz 1993, 1999; Steitz and Steitz 1993). Consistent with this, the two
sites are separated by 3.5–4.5 Å in most structures of the VC1-IIC2 heterodimer in complex
with various ligands, as well as that of M. tuberculosis Rv1900c CHDs in complex with
AMPCPP, where the A-site is occupied by water (Sinha et al. 2005; Tesmer et al. 1999,
2000). However, considerable variation in the placement and ligation of Mg2+ is observed
in the structures of CHDs in complex with certain nonphysiological inhibitors, such as that
of VC1:IIC2 bound to MANT-GTP (Mou et al. 2005), and of S. platensis CyaC in complex
with AMPCPP (Steegborn et al. 2005b).

Phosphate binding in CHD active sites

Binding of phosphate groups in CHD active sites is quite variable and a variety of lig-
ands, including nucleotide 5′ monophosphates, nucleotide 3′ monophosphates, nucleotide
3′ triphosphates, and pyrophosphate, can be accommodated (Table 1). Polyphosphate moi-
eties of substrate analogs and the product pyrophosphate are bound to essentially the same
subsite of the CHD active site. This subsite is located at the C-terminal edge of the central
sheet (β2A-β3A-β1A-β4A) of the conserved βααββαβ structural motif (Fig. 6a). The confor-
mation of the polyphosphate groups bound in this subsite, as well as details of interactions
with protein groups, varies substantially among different ligand complexes, although some
general features are preserved. In general, the polyphosphate group binds such that the α-
and β-phosphates are extended over the β2A-β3A loop and the γ-phosphate is stabilized over
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a positively charged pocket formed by the three-residue P-loopA (β1A-α1A loop) and the he-
lix dipole of α1A (Fig. 6a). The phosphate groups are stabilized via coordination by metal, as
well as by hydrogen bonds to various positively charged protein groups such as the amides
of the P-loopA and conserved basic side-chains.

As mentioned in “Coordination of metal in CHD active sites,” binding of metal at the
B-site is a prerequisite for binding polyphosphate. The B-site metal usually coordinates and
stabilizes both β- and γ-phosphates and often the α-phosphate as well. In contrast, the A-
site metal most often coordinates the α-phosphate, and only occasionally either the ribose-α
phosphate bridging oxygen or the β-phosphate. Backbone groups of the three-residue P-
loopA, are involved in binding the polyphosphate. The characteristic conformation of this
loop is stabilized by hydrophobic packing interactions of the last β1 residue, which is usu-
ally a conserved isoleucine (Fig. 1). The main chain carbonyl of the last β1 residue and
main chain amides of the first and second residues of the P-loop hydrogen-bond, either one
or both, the β- and γ-phosphates. Three highly conserved basic residues—β4A ArgA, α4B

ArgB, and β6B-β7B LysB—also play key roles in stabilizing the polyphosphate (Figs. 1 and
6a). The β4A ArgA appears poised to form bidentate salt bridges with the γ-phosphate, but is
located just beyond optimal hydrogen-bonding distance in most structures of CHD dimers
in complex with ligands that contain polyphosphate. The β6B-β7B LysB usually ion pairs
with the γ-phosphate, or sometimes with either the α- or β-phosphate. Mutation of either of
these residues usually increases Km, consistent with their role in binding substrate (Dessauer
et al. 1997; Sinha et al. 2005; Tang et al. 1995). The α4B ArgB often hydrogen-bonds the
α-phosphate or occasionally the α-β bridging oxygen and has been proposed to stabilize the
pentavalent α-phosphate transition state intermediate (Sinha et al. 2005; Tesmer et al. 1999).
Consistent with this role, mutating this residue usually shows the rate of reaction, but does
not impact affinity for substrate (Sinha et al. 2005; Tang et al. 1995; Yan et al. 1997b).

In structures of S. platensis CyaC in complex with substrate analogs, a conserved as-
paragine from α4B hydrogen-bonds the oxygen bridging either the ribose and α-phosphate,
or the α- and β-phosphates (Steegborn et al. 2005b). However, this may be a unique feature
of S. platensis CyaC, as equivalents of this α4B AsnB do not make equivalent contacts in the
mammalian VC1-IIC2 heterodimers or Rv1900c CHD homodimers. Finally, in addition to
these conserved contacts, the polyphosphate group in different protein complexes has been
observed to form additional interactions, which include water-mediated hydrogen bonds to
different protein groups, as well as direct hydrogen bonds to nonconserved residues.

Binding of ribose in CHD active sites

The ribose ring is bound in the space between the β2A-β3A loop and α4B (Fig. 6a). Like the
pyrophosphate moiety, the conformation of the ribose ring varies, and both 2′- and 3′-endo
conformations have been observed. Further, in the structures of VC1-IIC2 in complex with
βLddATP, the ribose ring is inverted relative to the orientation seen in complexes of CHDs
with ligands such as Rp-ATPαS or AMPCPP, as well as P-site inhibitors (Tesmer et al.
1999). However, in contrast to the polyphosphate, the ribose ring makes few direct contacts
with the protein, and these are conserved poorly among CHDs (Figs. 1 and 6a). The 2′ and
3′-hydroxyls usually do not directly contact any protein groups, but each may be involved
in one to three, nonconserved, water-mediated bonds. However, in structures of S. platensis
CyaC in complex with two Mg2+ and AMPCPP or Rp-ATPαS, the 3′-hydroxyl is hydrogen-
bonded to the α4B ArgB or the A-site metal, respectively (Steegborn et al. 2005b). While the
mechanistic relevance of the former is unclear, the latter is clearly pro-catalytic as discussed
later in the context of the catalytic mechanism. The ribose ring oxygen is hydrogen-bonded
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to amide of the α4B AsnB in structures of the mammalian VC1-IIC2 heterodimers in complex
with Rp-ATPαS, and is implicated in orienting the substrate or transition state (or both) for
catalysis (Tesmer et al. 1999). This conclusion is supported by mutations of the mammalian
enzymes (Yan et al. 1997b). In M. tuberculosis Rv1900c CHDs, α4B AsnB is substituted by
a histidine, which does not participate in direct interactions with ATP. Mutational evidence
further confirms that this residue is not required for catalysis by Rv1900c CHDs (Sinha
et al. 2005). Structures of S. platensis CyaC indicate that in these enzymes, the α4B AsnB

is present in a location topologically equivalent to that in the mammalian VC1-IIC2 het-
erodimers, but is not located within hydrogen-bonding distance of the ribose oxygen of the
bound NTP. It is possible that further closure of the active site is required to allow formation
of this hydrogen bond or, as in Rv1900c, this residue does not play a role in catalysis. As
equivalents of α4B AsnB are variously substituted or missing in many CHDs identified from
genome sequences, it is likely that either the specific elements for stabilizing the ribose ring
and orienting substrate are not general prerequisites of the CHD active site or that these
elements vary greatly among the CHDs.

Base recognition by CHD active sites

Selection of correct nucleotide substrates by NCs is essential to the fidelity of cyclic
nucleotide-mediated signal transduction. In contrast to the ribose and phosphate, the
purine ring is inflexible and it appears to form identical interactions in different nucleotide
complexes with the same enzyme. However, there is substantial variation in the mechanism
of purine recognition used by different CHDs. In all CHDs, the purine base binds in
a hydrophobic pocket formed by conserved residues from the β2B-β3B hairpin, β1B, β2B,
α4B, and the dimerization armB(Figs. 1 and 6b). The hydrophobic packing interactions
include edge-to-face stacking with a conserved aromatic residue from β1A that precedes the
invariant β1A AspA by two residues (Figs. 1 and 6b). In addition to these interactions, the
purine ring is stabilized by stacking against either one of the two peptide planes that involve
the β2A-β3A loop glycine that is invariant in all class III NCs (Figs. 1 and 6b). There are
few polar interactions with the purine ring, and these serve chiefly to discriminate between
ATP and GTP (Figs. 1 and 6b). Due to the nonspecific nature and variability of many of
these interactions, it has been difficult to completely understand the mechanism of base
recognition by CHDs. Variations in the modes by which CHDs accomplish this function
have been summarized in a recent review (Linder 2005). In this section, we outline general
features but describe only results of structure-based studies in some detail.

Typically, ACs are highly specific for ATP with no detectable activity with GTP
(Coudart-Cavalli et al. 1997; Guo et al. 2001; Kasahara et al. 2001; Linder et al. 2002,
2004; Shenoy et al. 2005; Sunahara et al. 1998; Weber et al. 2004), although Cya1, an AC
from Rhizobium meliloti has detectable GC activity (Beuve et al. 1993). In comparison,
various GCs have been shown to have significant AC activity also (Beuve 1999; Linder et
al. 1999, 2000; Sunahara et al. 1998; Tucker et al. 1998). Two residues conserved among
AC CHDs—the β2B-β3B hairpin LysB, which precedes the invariant β2-β3 loop Gly-Asp
by two residues, and the dimerization armB AspB—were identified as key determinants
of base specificity from structures of the mammalian VC1-IIC2 heterodimers (Figs. 1 and
6b; Tesmer et al. 1997). These two residues hydrogen-bond the N1 and N6 of the ATP
adenine and preclude binding of GTP. Recent structures demonstrate that in S. platensis
CyaC, ATP is similarly selected by hydrogen bonds between the topologically equivalent
residues, a β2B-β3B hairpin LysB and a dimerization armB ThrB and the N1 and N6 of
the ATP adenine (Steegborn et al. 2005b). In the mammalian ACs, a third residue—a
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dimerization armA GlnA—that in VC1 precedes the equivalent of IIC2 dimerization armB

AspB by two residues (Fig. 1) and is within the van der Waals contact radius of the β2B-β3B

hairpin LysB, has been proposed to play a role in substrate selection (Sunahara et al. 1998).
Structures of GCs are not yet available, but the sequence equivalents of β2B-β3B hairpin
LysB and dimerization armB AspB of the mammalian ACs are conserved among GCs
(Fig. 1) as a glutamate and cysteine, respectively, and are proposed to hydrogen-bond the
N2 and O6 of guanine (Fig. 1; Beuve 1999; Sunahara et al. 1998; Tucker et al. 1998).
A GC arginine, which is the equivalent of the VC1 dimerization armA GlnA, is proposed
to orient the conserved glutamate by salt bridges as well as packing interactions. However,
mutational analyses suggest that these residues may not be the sole determinants of base
specificity in these enzymes. Mutating the mammalian IIC2 β2B-β3B hairpin LysB, the
dimerization armB AspB, and the dimerization armA GlnA to glutamate, cysteine, and
arginine, respectively, does not switch specificity of the VC1-IIC2 heterodimer, but rather
converts it into a nonspecific NC with reduced activity (Sunahara et al. 1998). Mutations of
the β2B-β3B hairpin LysB and the dimerization armB AspB in ACs from lower organisms
often abolish all enzyme activity (Kasahara et al. 2001; Ketkar et al. 2006; Shenoy et al.
2003, 2005; Sunahara et al. 1998). In contrast to ACs, mutation of the glutamate, cysteine,
and arginine found in GCs to a lysine, aspartate, and glutamine, respectively, converted GCs
to a stringently ATP-specific AC (Beuve 1999; Linder et al. 2000; Sunahara et al. 1998;
Tucker et al. 1998). In fact, the single conversion of cysteine to an aspartate was adequate
for switching specificity, suggesting that the dimerization armB AspB is the most important
determinant for substrate specificity while the other residues play supporting roles.

The recently characterized mycobacterial nucleotidyl cyclase Rv1900c can use both
ATP and GTP as substrate, with a 14-fold preference for ATP (Sinha et al. 2005). Apart
from Rv1900c, only one other prokaryotic enzyme has been shown to have GC activity
(Ochoa de Alda et al. 2000). Strikingly, in Rv1900c the mammalian IIC2 β2B-β3B hairpin
LysB that hydrogen-bonds the adenine N1 is replaced by an asparagine and may account for
its reduced specificity, with the dimerization armB AspB establishing the preference for ATP.
However, structures of Rv1900c in complex with AMPCPP indicated that neither the β2B-
β3B loop AsnB, nor the dimerization armB AspB hydrogen-bond the adenine N1 or N6, and
therefore are probably not the main determinants for the preferential use of ATP as substrate.
Instead of hydrogen-bonding to the adenine, the β2B-β3B loop Asn appears to sterically en-
force binding of the purine ring in a half-of-sites binding mechanism discussed in “Evolu-
tion of Class III NC active sites.” Correspondingly, the mutation of β2B-β3B loop AsnB does
not significantly impact substrate specificity or enzyme activity, although inexplicably the
dimerization armB AspB mutants have higher affinity for both ATP and GTP. The prefer-
ence for ATP in Rv1900c has been attributed to nonlocalized general determinants such as
electrostatic gradients from helix dipoles or peptide planes, shape complementarity, and size
of the active site (Sinha et al. 2005). Additionally, interactions with backbone groups, such
as the hydrogen bond between the adenine N6 and the carbonyl of the residue following
the dimerization armB AspB observed in structures of VC1-IIC2 heterodimers may further
select for ATP, and against GTP (Tesmer et al. 1997, 1999). It is likely that such general de-
terminants play a role in purine specificity in all CHDs. In ACs, such general determinants
probably dictate the preference for ATP, while the β2B-β3B hairpin LysB–dimerization armB

AspB couple enforce the strict specificity for ATP. In contrast, general determinants in the
active site of GCs appear to allow binding of both ATP and GTP, with the preference for
GTP dictated chiefly by the glutamate-cysteine couple.
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Catalysis by CHDs

Although the structures of CHDs in complex with various ligands tell us much about bind-
ing the substrate ATP, none of these structures completely mimics the binding of the puta-
tive transition state. The product cAMP, which is rapidly released, may be the best analog.
The transition state intermediate is expected to have a 3′-endo ribose conformation that po-
sitions the 3′-hydroxyl for in-line displacement of the pyrophosphate, with a pentavalent
α-phosphate, whose negative charge is stabilized by the β4B ArgB. As in many DNA poly-
merases, ribozymes, and phosphatases that employ a mechanism of two-metal ion catalysis,
the A-site metal is expected to play an indispensable role in catalysis by CHDs. As the 3′-
hydroxyl is a weak nucleophile, it has been proposed that metal bound at the A-site increases
the nucleophilicity of the ATP 3′-hydroxyl (Tesmer and Sprang 1998). Indeed, consistent
with the predicted role of the A-site metal as a Lewis acid, in structures of S. platensis CyaC
in complex with two Mg2+ and Rp-ATPαS, the ribose 3′-hydroxyl is hydrogen-bonded to
the A-site metal (Steegborn et al. 2005b). However, it is unlikely that this structure com-
pletely mimics the transition state, as the 3′-hydroxyl is not positioned for an in-line attack
on the α-phosphate. In contrast to the nearly invariant orientation of the purine ring in sub-
strate analogs bound to CHDs, the conformational flexibility of the ribose and pyrophos-
phate groups—both between different enzymes as well as between different structures of
the same enzyme—may be indicative of the flexibility required to attain the strained transi-
tion state intermediate. Consequently, the variability captured in different crystal structures
may represent an inherent feature of CHD active sites.

Product binding and release by CHDs

There are no structures of CHDs in complex with the products cAMP and pyrophosphate,
perhaps because the same mechanism that enables release of products in the normal course
of catalysis prevents the product-bound state from being captured in a crystal structure. In
the mammalian ACs, cAMP appears to be released first, and the release of the pyrophos-
phate appears to be the rate-limiting step (Dessauer and Gilman 1997; Dessauer et al. 1999).
This may be true for all CHDs. P-site inhibitors that, in the presence of pyrophosphate, are
uncompetitive—dead-end inhibitors of the mammalian ACs—have been shown to bind to
the VC1-IIC2 heterodimer active site, suggesting that these complexes may mimic binding
of the products in the active sites (Tesmer et al. 2000). The binding sites of these inhibitors
are very similar to that described above for the substrate analogs. However, as the P-site
inhibitors do not significantly inhibit most homodimeric ACs, it is possible that complexes
with mAC CHDs may not accurately represent the product-bound state in all CHDs. There
may be subtle variations in the mode of binding—and consequently release—of products by
different CHDs. For example, based on a superposition of cAMP on P-site inhibitors bound
in the active site of the VC1-IIC2 heterodimer, it was proposed that steric clashes between
the cyclized phosphate moiety and the A-site metal as well as the β2B-β3B loop AsnB re-
sulted in the preferential release of cAMP (Tesmer et al. 2000). However, a similar steric
restriction is not observed when cAMP is superimposed on the AMPCPP-bound structure
of Rv1900c (Sinha et al. 2005). It is possible that catalysis proceeds only upon formation
of a more closed conformation than observed in this structure of Rv1900c, which might
then lead to a steric clash similar to that proposed for the mammalian ACs. Alternately, it is
possible that the β2B-β3B loop AsnB that appears to regulate binding of the purine ring in
Rv1900c, also regulates the release of the product cAMP by a similar mechanism.
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Binding and catalysis by GGDEF domains

The structure of PleD, a DGC from C. crescentus, in complex with the product c-diGMP
provides clues to the active site of the GGDEF domains (Chan et al. 2004). Like the CHDs,
the GGDEF domain active site is located at the C-termini of the strands constituting the
core βααββαβ motif. Further, like the CHDs, dimerization appears to be a prerequisite for
catalysis. However, there appears to be no further similarity in the mode by which CHDs
and GGDEF domains bind nucleotide. While in the CHDs, dimerization is required to bind
a single NTP or cNMP, dimerization of the GGDEF domains is required because a single
GGDEF domain appears to provide all of the determinants to bind only one GTP or half
of a c-diGMP molecule while a second GGDEF domain, related to the first by the twofold
symmetry axis of the c-diGMP, provides the determinants to bind the other GTP or the other
half of the c-diGMP molecule (Fig. 5b and 7).

There are no metals bound in the structure of the c-diGMP-bound PleD complex, yet the
two invariant aspartates that coordinate metal in the CHDs, the β1 Asp and β2-β3 loop Asp,
are conserved at equivalent structural locations in GGDEF domains as an aspartate, and ei-
ther an aspartate or a glutamate, respectively (Fig. 2a–b). However, the orientation of each
guanine nucleotide moiety of diGMP in the catalytic site of PleD is the reverse of that of
ATP analogs bound to CHDs, such that the ribose phosphate moiety is extended over the β2-
β3 loop but directed away from the β1 strand (Fig. 7). In this orientation, the α-phosphate is
hydrogen-bonded to the backbone amide of the second glycine of the GGDEF motif, which
maps to the β2-β3 loop. The ribose ring is stabilized by hydrogen bonds between the ribose
2′-hydroxyl and the amide of a conserved α1 asparagine, as well as between the ribose 3′-
hydroxyl and the amino group of a conserved lysine, which is the second residue of α1. The
guanine ring is placed over a hydrophobic patch formed by side chains from α1 and α2 and
is stabilized by edge-to-face stacking interactions with a conserved phenylalanine that is the
first residue of α1 (Figs. 1 and 7). Hydrogen bonds involving the guanine N3/N2 and N1
with a conserved α1 Asn and α2 Asp, respectively, provide specificity for GTP over ATP.

Given the conservation of residues involved in key contacts with the guanine ring of
c-diGMP, it is likely that the guanine ring from the substrate GTP also occupies a similar

Fig. 7 Proposed active site of class III DGCs. The two GGDEF domains are colored as in Fig. 5 and sec-
ondary structures labeled as in Fig. 1. Molecular details of bound ligands and of protein residues that play
a role in substrate binding and catalysis are shown. Dashed, black lines indicate hydrogen bonds
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position and makes the same contacts. However, the position of the ribose and phosphate
groups is likely to be flexible. Based on the c-diGMP-bound PleD structure, Chan et al.
suggest that the mechanism of base recognition by the GGDEF domain sterically precludes
binding of the GTP γ-phosphate over the β1-α1 loop, which constitutes the P-loop of CHDs.
Instead, they predict that the β- and γ-phosphates of GTP are probably accommodated close
to the first glycine of the GGDEF motif on the β2-β3 loop while a Mg2+ ion is coordi-
nated by carboxylates from the glutamate constituting the fourth residue of this motif. Such
a binding mode for GTP would preclude involvement of a second metal ion coordinated by
the β1 aspartate and the β2-β3 loop glutamate/aspartate, which are conserved in both CHDs
and GGDEF domains, as this metal would be too distant from the ribose 3′-hydroxyl or py-
rophosphate group to play any role in binding or catalysis. Thus, the proposed mechanism
employs only a single metal ion bound at a site distinct from the A- and B-metal sites of
CHD dimers. Chan et al. further suggest that the central acidic residue of the GGDEF mo-
tif may act as a general base to deprotonate the GTP 3′-hydroxyl, priming it for attack on
the 5′-phosphate of another GTP molecule. Dimers of GTP-bound GGDEF domains would
orient the activated GTP molecules such that the 3′-hydroxyl of one is poised to attack the
5′-phosphate of the other. In this scheme, the amino group of the conserved α1 Lys would
serve to stabilize the pentavalent phosphoryl transition state, as well as the pyrophosphate
leaving group. This mechanism of catalysis does not define the role of the conserved β1 Asp
that is invariant among GGDEF domains, CHDs, and DNA polymerases. Thus, although the
c-diGMP-bound PleD structure has provided valuable insights into the structure and mode
of product binding by GGDEF domains, structures of GGDEF domains in complex with
substrate analogs and metal ions will be crucial to defining the mode of binding substrate
and the mechanism of catalysis employed by DGCs.

Evolution of class III NC active sites

It is highly probable that CHDs, GGDEF domains, and palm domains of type I DNA poly-
merases all evolved from a common ancestor. These domains not only share a common core
βααββαβ structural motif (Fig. 2), but also two invariant acidic residues located at topolog-
ically equivalent positions on this motif, the C-terminus of β1 and the β2-β3 loop (Fig. 3).
Further, these two invariant acidic residues, and the βααββαβ core structural motif, also con-
stitute the sequence and structural features, respectively, conserved best within each type of
domain (Figs. 1 and 4).

In type I DNA polymerases and CHDs, the two invariant aspartates coordinate two di-
valent metal cations (Tesmer and Sprang 1998; Tesmer et al. 1999). These metal cations
appear to have at least three distinct roles. The first is to bind and stabilize the negative
charge on the NTP polyphosphate that contains the 5′-phosphate linked by the phosphodi-
ester bond. Metals at both A- and B-sites appear to be involved in this function. The second
role, involving only the A-site metal, is to increase the nucleophilicity of the 3′-hydroxyl.
And the third role, involving chiefly the B-site metal, is to stabilize the leaving pyrophos-
phate group. All three of these functions appear to be well-conserved among both CHDs and
DNA polymerases. Thus, the core βααββαβ structural motif appears to have evolved from
a more ancient, and possibly more promiscuous, motif bearing two invariant acidic residues
optimally positioned to coordinate two metals to bind NTP polyphosphates and to catalyze
the formation of 3′-5′-phosphodiester bonds. The role of the equivalent acidic residues of
GGDEF domains and any metals they may coordinate remains to be verified. In the GGDEF
domains, an additional glutamate, corresponding to the fourth residue of the GGDEF mo-
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tif, is conserved at the N-terminus of β3 and has been postulated to coordinate metal at
a site distinct from either the A- or B-metal sites (Chan et al. 2004). Interestingly, although
not present in the CHDs, a glutamate is also highly conserved at an equivalent location in
the type I DNA polymerases, which, like the GGDEF domains, catalyze the formation of
intermolecular 3′-5′-phosphodiester bonds.

Glycines on the β2-β3 loop and β4 are invariant in almost all class III NCs, indicating
that these residues arose early in the evolution of these NCs, probably concurrently with
the class III NC fold. The absence of a side-chain at the invariant β2-β3 loop glycine po-
sition prevents occlusion of purine-binding subsite in the CHDs, and probably part of the
nucleotide-binding site in GGDEF domains as well. Additionally, in CHDs, the Φ and Ψ

dihedral angles of this glycine map to unfavorable regions of the Ramachandran plot, fa-
cilitating a specific conformation of the β2-β3 loop and allowing one of the peptide planes
of this glycine to stabilize the ATP purine ring by stacking interactions. Thus, this glycine
plays a direct role in binding substrate in CHDs. The β4 glycine facilitates packing of α4
against β4, thereby positioning β4 relative to the βααββαβ motif. In CHDs, α4 contributes
important residues to the active sites of these MNCs.

Although the βααββαβ structural motif and the two invariant acidic residues consti-
tute a conserved module used to bind polyphosphate groups and catalyze the formation of
3′-5′-phosphodiester bonds by the class III MNCs and DGCs as well as the type I DNA
polymerases, each enzyme family has evolved markedly different elements to bind and rec-
ognize the purine and ribose groups of the substrate NTPs. In type I DNA polymerases, the
elements that interact with the nucleotide base and ribose are chiefly provided by the fingers
domain, which is inserted between α1 and α2 of the βααββαβ structural motif. The fingers
domains are typically much more divergent than the βααββαβ structural motif-containing
palm domain of these enzymes (Brautigam and Steitz 1998). In CHDs, elements from the
second structural module, comprising the class III NC and CHD-specific insertions, are re-
sponsible for several of the key interactions with the nucleotide base and ribose. However, in
contrast to DNA-polymerases and CHDs, the c-diGMP bound PleD structure suggests that
in GGDEF domains elements of the βααββαβ structural motif may also be responsible for
binding purine and ribose.

While DNA polymerases function as monomers to catalyze the formation of 3′-5′-
phosphodiester bonds, the class III NCs appear to be active only as dimers. However, the
GGDEF domains and CHDs are expected to have markedly different modes of dimerization.
Two GGDEF domains are expected to associate to form a homodimer with a single, inter-
facial, catalytically competent active site. The two subunits of a GGDEF domain dimer are
expected to be related by the dyad symmetry of the bound substrates or products, with each
subunit providing identical determinants to bind a single GTP molecule or half a c-diGMP
molecule. In contrast, two CHDs associate to form two potential active sites at the dimer
interface. As discussed in section “CHD active sites”, each of these potential active sites
is lined by elements from two structural modules, the first module comprising the βααββαβ

structural motif of one subunit and the second module comprising the class III NC and CHD-
specific insertions of the other subunit. In CHDs, therefore, elements of the second structural
module—especially the CHD-specific insertions, the mode of dimerization, and of binding
NTPs—all probably evolved concurrently from a more primitive βααββαβ structural motif.

CHDs from lower organisms appear to function as homodimers with two chemically
identical, interfacial active sites related by the dimer dyad axis. In most of these CHD ho-
modimers the two dyad-related active sites are also structurally and mechanistically equiv-
alent and symmetrical (Fig. 8a; Steegborn et al. 2005b). Unexpectedly, however, although
the Rv1900c CHDs form homodimers with chemically equivalent, dyad-related active sites,
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Fig. 8a–c Dyad-related sites of CHD dimers. Subunits, molecular details, bonds, and labels are depicted as in
Fig. 6. a The two symmetrical, dyad-related active sites of the S. platensis CyaC CHD homodimer. Both sites
are occupied by ATPαS. b The two chemically equivalent, yet structurally and mechanistically asymmetrical,
dyad-related active sites of the Rv1900c CHD homodimer. Only one active site is occupied by AMPCPP. c
The two asymmetrical, dyad-related binding sites of the VC1-IIC2 heterodimer include a single functional
active site occupied by ATPαS and a nonfunctional site occupied by forskolin

these sites are structurally asymmetrical (Fig. 8b; Sinha et al. 2005). This asymmetry, which
is amplified in the AMPCPP-bound, catalytically competent state, appears to be a conse-
quence of the β2-β3 hairpin that participates simultaneously in both active sites of the dimer.
As discussed earlier, this hairpin bears a conserved polar-X-X-G-D motif, of which the first
residue participates in one active site, while the last two residues contribute to the dyad-
related active site. The first residue of this motif interacts with the purine base, the glycine
is important for structure and also for stabilizing the bound purine ring, and the aspartate
is essential for binding metal and polyphosphate, and for catalysis. While the first polar
residue of this motif is an adenine-specifying lysine or guanine-specifying glutamate in ACs
and GCs, respectively, in Rv1900c it is an asparagine. Instead of hydrogen-bonding to the
purine ring, this asparagine from one CHD points away from the AMPCPP-bound site, while
in the other it appears to partially obstruct the ATP purine-binding subsite, preventing ATP
from binding in this site (Fig. 8b; Sinha et al. 2005). Thus, although Rv1900c is catalytically
active as a homodimer, the two active sites of the homodimer appear incapable of simulta-
neously binding ATP and catalyzing the synthesis of cAMP, suggesting a mechanism of
half-of-sites reactivity. Mutational and biochemical data provide further support for a mech-
anism of half-of-sites reactivity (Sinha et al. 2005). Finally, while the two potential active
sites in homodimeric ACs are chemically identical, those of the pseudo-symmetrical CHD
heterodimers are not. Thus, in contrast to the homodimeric ACs, usually only one of the
two potential active sites of the pseudo-symmetrical mammalian CHD heterodimers has the
full complement of residues required for catalysis (Fig. 8c; Tesmer et al. 1997). The mech-
anism of half-of-sites reactivity observed for homodimeric Rv1900c may provide clues to
the mechanistic variability that may have preceded and facilitated the evolution of the more
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complex, asymmetrical, intramolecular heterodimers from the simpler, intermolecular ho-
modimers. This chemical, structural, or mechanistic asymmetry of CHD dimers provides
a unique mechanism of regulating NC activity.

Regulation of class III NCs

The mechanism of substrate binding and catalysis is fairly well conserved within the CHDs,
and probably within the GGDEF domain subfamily as well. However, the stimuli that af-
fect the synthesis of cNMPs, as well as the modes by which activity of class III MNCs or
DGCs are regulated, vary greatly. Implicit in this divergent regulation is the presence of di-
verse regulatory domains that allow different signals to be transduced to either the CHDs or
GGDEF domains, and expressed in varying levels of NC activity.

The regulation of mammalian ACs has been the subject of intense investigation, which
has been summarized in several reviews (Cooper et al. 1994; Cooper 2003; Hanoune and
Defer 2001; Krupinski and Cali 1998; Smit and Iyengar 1998; Sunahara et al. 1996; Suna-
hara and Taussig 2002; Tang et al. 1998; Taussig and Zimmermann 1998). However, much
remains to be understood about the molecular mechanism by which these enzymes are reg-
ulated. As mentioned in section on “Classification”, ten ACs have been identified in mam-
mals. Mammalian ACs have a fairly uniform architecture. The CHDs of all ten mammalian
ACs function as intramolecular heterodimers. Nine of these ACs are mACs, while the tenth
is a “soluble” AC (sAC) (Buck et al. 1999). There are several striking differences between
the mACs and sAC. The nine mACs are homologs consisting of two consecutive repeats of
a hexa-helical transmembrane domain and a cytoplasmic CHD. The sAC gene contains two
tandem cytoplasmic CHDs linked to a “AAA” nucleotide binding domain (NBD) followed
by a segment of approximately 800 residues that is uncharacterized in structure and function
and the sAC appears to be active as various C-terminally truncated forms (Buck et al. 1999;
Feng et al. 2005; Geng et al. 2005; Jaiswal and Conti 2001; Roelofs and Van Haastert 2002).

The role of the two hexa-helical transmembrane domains, M1 and M2, of the mACs
is not well understood. It is likely that as a membrane anchor for the CHDs, the trans-
membrane domains not only serve to localize the cytoplasmic, catalytic CHDs to mem-
brane surfaces but also are essential for targeting to the plasma membrane, where they
are in close proximity to various effector molecules that regulate the mACs. Further, it is
likely that these domains play key roles in AC oligomerization. Experiments using vari-
ous combinations of truncated, duplicated, inverted, chimeric, or fully swapped membrane
anchors from different mAC homologs indicated that the M1 and M2 domains also form
intramolecular heterodimers and that type-specific association is critical for enzyme activ-
ity (Seebacher et al. 2001). These type-specific interactions may be important mechanisms
for preventing inappropriate cross-isoform interactions. Further, the M2 domains may also
be involved in intermolecular homodimerization, which may be indicative of mechanisms
of inhibition involving the formation of catalytically incompetent CHD homodimers (Gu et
al. 2002). It has also been suggested that the transmembrane domains may enable mACs to
specifically associate with other membrane proteins, and these interactions balanced against
homo-oligomerization properties of mACs may play an important role in regulation of cat-
alytic activity. Thus, different types of mACs may localize to separate membrane rafts along
with the specific integral-transmembrane proteins or membrane-anchored proteins that reg-
ulate them, creating local microdomains of finely tuned cAMP levels within a single cell
(Cooper 2003, 2005; Noyama and Maekawa 2003; Zehmer and Hazel 2003). Finally, some
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studies suggest that the transmembrane domains may also serve as direct sensors of mem-
brane capacitance and potential, or membrane lipid and fluidity composition and regulate
CHD activity in response to these stimuli (Cooper et al. 1998; Reddy et al. 1995b).

The mACs are differentially regulated by numerous effectors including the G proteins
that transduce the numerous signals sensed by G protein-coupled receptors; Ca2+, that reg-
ulates ACs either directly or indirectly via calmodulin; kinases such as calmodulin kinase
protein kinase C and protein kinase A; and phosphatases such as calcineurin (Cooper et al.
1994, 1995; Cooper 2003; Hanoune and Defer 2001; Krupinski and Cali 1998; Mons et al.
1998; Smit and Iyengar 1998; Sunahara et al. 1996; Sunahara and Taussig 2002; Tang et
al. 1998; Taussig and Zimmermann 1998). Unlike the mACs, the sAC does not appear to
be regulated by any of these macromolecular effectors, but instead appears to be directly
regulated by small molecules such as Ca2+, bicarbonate, and catechols (Cann et al. 2003;
Chen et al. 2000; Geng et al. 2005; Hyne and Garbers 1979; Jaiswal and Conti 2003; Litvin
et al. 2003). The role of the NBDs and the transmembrane domain in these ACs is not yet
understood.

Compared to higher eukaryotes, signaling pathways that regulate MNCs in prokaryotes
and lower eukaryotes are simpler and more direct. Indeed, most CHDs from these lower or-
ganisms are linked in cis to one or more of a large variety of sensory/regulatory domains that
are thought to directly transduce signals to the CHDs. Homologs of many of these domains
have been shown to play similar regulatory roles in other signal transduction pathways.
These domains include:

• Small molecule-binding domains such as GAF (an abbreviation derived from domains
in cGMP-binding diesterases, adenylyl cyclases, and the E. coli transcription fac-
tor, FhlA); PAS (domains in period clock protein, Aryl hydrocarbon receptor, single-
minded protein); and BLUF (flavin-containing, PAS domain like blue-light receptor)
domains. Domains with diverse functions such as HAMP (domains in histidine ki-
nases, adenylyl cyclases, methyl-accepting chemotaxis proteins and phosphatases)
domains; ATPase domains; histidine kinase domains; RAS-associated domains; two-
iron, two-sulfur cluster containing domains; leucine-rich repeats; TPR (tetratricopep-
tide repeat) domains; helix-turn-helix DNA binding domains; single helical trans-
membrane anchors; hexa-helical transmembrane domains. A few domains whose fold
and function have not yet been identified (Linder 2005; Shenoy and Visweswariah
2004).

In addition, CHDs from lower organisms may be directly regulated by small molecules such
as bicarbonate and Ca2+ (Cann et al. 2003; Chen et al. 2000; Masuda and Ono 2005; Steeg-
born et al. 2005b). Little is known about the molecular mechanism by which these diverse
regulators influence CHD activity, although recent studies have begun to investigate the
structural basis of these mechanisms.

Structures of the mammalian VC1-IIC2 heterodimer in complex with the cAMP
synthesis-stimulating Gα subunit (Gαs) greatly enhanced our understanding of how the
mACs are regulated by macromolecular effectors (Tesmer et al. 1997, 1999, 2000). The
most extensive interaction between Gαs and the VC1-IIC2 heterodimer involves the
insertion of the Gαs switch II helix into a groove between the α1B-α2B and α3B-β4B loops
of IIC2 (Fig. 9a). As Gαs can bind to IIC2 monomers and disrupt IIC2 homodimers in
the absence of VC1, it is likely that this interaction provides most of the binding energy
required for the formation the AC-Gαs complex and simultaneously prevents formation of
nonproductive C2 homodimers. Although homodimerization of C1 or C2 domains would
be irrelevant to regulation in vivo for monomeric mAC molecules, it could be a significant
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mechanism of regulation if mACs assemble as dimers or oligomers (Gu 2002). In addition
to the switch II-mediated interaction, the α3-β5 loop of Gαs interacts with the N-terminus of
VC1, which packs against the CHD dimerization armA (Tesmer et al. 1997). Although this
interaction is not essential for binding of Gαs to mACs, it is essential for the upregulation of
catalytic activity by Gαs (Sunahara et al. 1997). This interaction may promote the formation
of a more closed conformation of the intramolecular C1-C2 heterodimers essential for
activity. Indeed, binding of potent substrate analogs, such as ATPαS, is accompanied by
movement of C1 toward the C2 domain, thereby aligning the P-loopA of C1 with the
purine-binding elements in β4′B and α4B of C2, and closing the catalytic site (Fig. 9b;
Tesmer et al. 1999). This transition may be abetted by the binding of Gαs. Finally, mutation
data suggest that other regions of Gαs, such as the α4-β6 loop, may be involved in additional
interactions, presumably with AC regions not included in the VC1 and IIC2 constructs used
for the crystal studies (Scholich et al. 1997b; Sunahara et al. 1997; Yan et al. 1997a). Thus,
Gαs functions as an allosteric activator of mammalian ACs by facilitating both the relative
rearrangement of the C1 and C2 domains to form catalytically competent heterodimers, as
well as by stabilizing catalytically competent conformations of loops and residues involved
in catalysis.

Gαs-mediated stimulation of type I, V, and VI mACs is opposed by the inhibitory Gα

subunit, Gαi (Chen et al. 1997; Taussig et al. 1993). Myristoylation of the Gαi subunit is
required for this inhibitory activity. Gαi does not compete for the AC binding site of the Gαs
subunit; rather, the inhibitory and stimulatory Gα subunits appear to bind to distinct sites on
mACs (Taussig et al. 1994; Wittpoth et al. 1999). Evidence that Gαi and VC1 form a 1:1
complex, combined with mutational analysis, suggest that switch II, and perhaps the α4-
β6 loop of Gαi, are involved in the interaction with VC1, while the α1A-α2A and α3A-β4A

loops of VC1 play key roles in binding of Gαi (Dessauer et al. 1998; Wittpoth et al. 1999).
Thus, the homologous Gα subunits appear to exert opposite regulatory effects by binding
to pseudo dyad-related sites on the intramolecular, heterodimeric mammalian C1-C2 het-
erodimers (Fig. 9a). Experiments with extended constructs indicate that regions outside of
the C1 CHD domain are also involved in the interaction with Gαi (Dessauer et al. 1998).
As Gαi is a noncompetitive inhibitor of Gαs -stimulated AC, it is probable that Gαi binds
directly to the Gαs-bound AC complex. The structural mechanism of inhibition is unknown.
However, it has not been possible to isolate a ternary complex between Gαi, Gαs, and iso-
lated C1 and C2 domains (Dessauer et al. 1998). Therefore it is possible that Gαi weakens
the C1-C2 interface and prevents essential conformational changes in regions key to catal-
ysis. Since C1-C2 heterodimers have been captured only in Gαs- and forskolin-activated
states, the basal, ligand-free state of the C1-C2 heterodimers, and consequently, the changes
wrought by their regulators, cannot be accurately defined. Further, it is probable that, like
Gαi, other regulators of mACs such as Gβγ, calmodulin kinase II, and protein kinase C,
that act chiefly on the Gαs-stimulated state of ACs, also function by regulating conforma-
tional changes at the domain interface. Unlike the pseudo dyad-related binding sites of the

Fig. 9 �Regulation and conformational change in the mammalian mACs. a Asymmetric regulation of the VC1-
IIC2 heterodimer by Gαs. VC1, IIC2, and Gαs are colored salmon, green, and violet, respectively. Molecular
details of the substrate analog ATPαS and the activator forskolin bound to the VC1-IIC2 heterodimer and the
GTP analog bound to Gαs are shown. Selected structural elements of VC1-IIC2 and the switch II helix of Gαs
are labeled. b Conformational change in the Gαs and forskolin-activated VC1-IIC2 heterodimer upon binding
of substrate. VC1 and IIC2 subunits are colored khaki and gray, respectively, in the “open” state crystallized
in the absence of substrate, and green and salmon, respectively, in the presence of ATPαS; Gαs, forskolin, and
ATPαS are not shown. Secondary structure elements, β1-α1-α2 segment of VC1 and β6-β7 hairpin of IIC2,
which show the largest displacements upon binding of ATPαS, are indicated
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homologous Gαs and Gαi subunits, these regulators are expected to bind asymmetrically
to C1-C2 heterodimer. The diterpene forskolin, a nonphysiological activator of most of the
mammalian mACs, appears to stabilize both a productive C1-C2 heterodimer as well as
catalytically competent conformations of loops and residues involved in catalysis, playing
a role similar to Gαs. Forskolin binds to a site related to the heterodimer active site by the
pseudo-dyad axis, raising the tantalizing possibility that this might constitute the binding site
of an as-yet-unidentified, physiologically relevant, small-molecule regulator of mammalian
mAC heterodimers (Fig. 9a).

Structures of the soluble S. platensis CyaC captured in complex with the substrate
analogs AMPCPP and ATPαS suggest mechanisms by which small-molecule regulators may
directly regulate CHD enzyme activity. S. platensis CyaC serves as a model for the mam-
malian sAC as both these enzymes are synergistically activated by Ca2+ and bicarbonate
(Steegborn et al. 2005b). Further, catechol estrogens, which are formed by the oxidative hy-
droxylation of the steroid estrogen, are physiologically relevant, noncompetitive inhibitors
of both mammalian sAC and mACs and also inhibit S. platensis CyaC in a similar manner
(Steegborn et al. 2005a). Interestingly Ca2+ activates S. platensis CyaC and the mammalian
sAC (Cann et al. 2003; Chen et al. 2000; Hyne and Garbers 1979; Jaiswal and Conti 2003;
Litvin et al. 2003), but inhibits activity of the type V mACs (Hu et al. 2002), although it
appears to bind to the B-metal site of both these enzymes (Steegborn et al. 2005b; T.-C.
Mou, unpublished). The reason for these contradictory effects is unclear. Perhaps Ca2+ bet-
ter stabilizes polyphosphate in both enzymes, facilitating binding of substrate, but in the
type V mAC it also results in the product pyrophosphate being bound too tightly, inhibiting
product release and consequently enzyme activity. In solution, bicarbonate activates these
sACs and this activation does not appear to be a pH-mediated effect. Flash-soaking bicar-
bonate into substrate analog-bound crystals of CyaC resulted in conformational changes in
the α1-helix and β6-β7 loop, resulting in the formation of a more closed dimer. However, no
electron density was observed for the bicarbonate, and therefore its binding site could not
be identified. Similar conformational changes were seen upon binding ATPαS, suggesting
either that potent substrate analogs and bicarbonate drive the enzyme to the same confor-
mational state or that the full repertoire of conformational changes effected by bicarbonate
are not observed in the crystal structures so far determined. Thus, the mechanism by which
bicarbonate and Ca2+ alone activate CyaC is not completely clear.

The probable mechanism by which catechol estrogens inhibit sACs was suggested by
the structure of CyaC in complex with AMPCPP, the catechol estrogens, and two metal
cations (Steegborn et al. 2005a). The catechol estrogen binds at a site adjacent to the CHD
active site, in a hydrophobic pocket formed by residues from α4 and β1 of one CHD and the
β2-β3 hairpin of both CHDs. The hydroxyls of the catechol estrogen hydroxyls chelate and
displace the A-site metal from its normal position, presumably aborting catalysis. Further,
AMPCPP is displaced such that its adenine is no longer within hydrogen-bonding distance
of the dimerization armB ThrB, and the α- and β-phosphates occupy positions typically oc-
cupied by the β- and γ-phosphates, respectively. S. platensis CyaC is a symmetrical, homod-
imeric enzyme (Fig. 8a), and regulatory molecules such as catechol estrogen and Ca2+ are
identically bound to symmetrical dyad-related sites. Unlike the homodimer CyaC, however,
the tandem CHDs of the soluble mammalian AC are not identical in sequence, and conse-
quently the catalytic dimer formed by these domains must be pseudosymmetrical. Substitu-
tion of one of the two conserved catalytic aspartate residues in the C1 domain by cysteine,
and an insertion of several residues in the β2A-β3A hairpin suggests that mammalian sAC
possesses only one functional catalytic site. It is therefore possible that the asymmetry of
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the mammalian sAC will also be reflected in the mechanism of its regulation, reminiscent of
the mammalian mACs.

M. tuberculosis Rv1900c is a two-domain, homodimeric MNC. The N-terminal domain
bears sequence similarity to members of the α/β hydrolase family of lipases but has no cat-
alytic activity toward known substrates, and appears to have weak, negative regulatory activ-
ity (Sinha et al. 2005). The C-terminal CHD, upon homodimerization, can use both ATP and
GTP as substrate but has a 14-fold preference for ATP. Structures of Rv1900c CHD homod-
imers with and without the substrate analog AMPCPP demonstrated that even in the absence
of additional regulatory stimuli, binding of substrate induces conformational changes within
each CHD accompanied by a dramatic rotation of 16.6° and translation of 11 Å of the CHDs
relative to each other, to form a catalytically competent dimer (Fig. 10a). As discussed pre-
viously, the Rv1900c CHD homodimers are structurally and mechanistically asymmetrical
in both open and closed states. The role of the Rv1900c N-terminal regulatory domain in the
regulation of the transition between inactive, open and the active, closed dimers, its influ-
ence on the structural and mechanistic asymmetry observed in the isolated Rv1900c CHD
homodimers, and its effect upon substrate specificity has not yet been established.

M. tuberculosis Rv1264 is a two-domain AC comprising an N-terminal, 10-helix regula-
tory domain and a C-terminal CHD that also functions as a homodimer (Linder et al. 2002).
Rv1264 is a pH-regulated enzyme that presumably plays a role in mycobacterial survival in
the acidic environment of the phagolysosome. In the activated state, and even in the absence
of substrate, the two CHDs form a homodimer whose subunits are arranged in a closed con-
formation similar to that seen in the ligand-bound structures of other CHDs (Fig. 10b; Tews
et al. 2005). This active homodimer contains two identical, symmetrical active sites, each
of which contains a complete, appropriately located complement of residues required for

Fig. 10a, b Conformational change in two mycobacterial NCs. CHDs are colored gray and khaki in the open,
catalytically incompetent conformation, and salmon and green in the closed, catalytically competent, con-
formation. The movement of the CHDs constituting a dimer, relative to each other, as well as the secondary
structure elements that undergo the largest conformational changes are indicated. a Conformational change in
Rv1900c CHD homodimers upon binding of substrate. The change from an open to a closed state is triggered
by binding of the ATP analog, AMPCPP. b Conformational change in Rv1264 CHD dimers upon activation
by pH
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catalysis. Structures of the Rv1264 holoprotein crystallized at neutral and acidic pH demon-
strate that CHD activity is also regulated by dramatic conformational changes, wherein the
α1-helix of the CHD unfolds, destroying the ATP phosphate-binding subsite; concomitantly,
the active sites of the dimer are disassembled by a dramatic rotation of 55° and translation
of 6 Å of the two CHDs relative to each other (Fig. 10b; Tews et al. 2005). The regulatory
domain of each subunit of the homodimer makes extensive contacts with the CHD of the
other in both active and inactive states, and the pH-triggered inactivating transformation is
effected by the pH-dependent extension of the C-terminal helix of the regulatory domain by
four turns (Fig. 11). Despite these large conformational changes, in both active and inactive
states, Rv1264 forms symmetrical homodimers and the regulatory domains from each of the
two subunits that constitute the homodimer make identical, symmetrical contacts with the
trans CHD (Fig. 11).

Like the prokaryotic CHDs, GGDEF domains appear to be covalently linked to a wide
range of sensory/regulatory domains, but very little is known about the mechanism by which
these domains regulate DGC activity. However, it appears that like the CHDs, regulating the
formation of catalytically competent GGDEF domain dimers may be a key mode of regula-
tion in DGCs. C. crescentus PleD, the only DGC of known structure, contains a CheY-like
receiver domain a second CheY-like adaptor domain, in addition to the GGDEF domain
(Chan et al. 2004). The structure of the nonphosphorylated form of the molecule provides
clues to the mechanism by which activity of PleD is regulated (Chan et al. 2004). Inactivate
PleD appears to be a monomer in solution. The sensor histidine kinase phosphorylates a re-
ceiver domain aspartate located at the interface of the receiver and adaptor domains, which
is predicted to induce repacking of this interface and subsequent reorientation of the receiver
and adaptor domains relative to each other. In this activated orientation, the receiver domain
of one DGC can form isologous contacts with the adaptor domain of another activated DGC,
enhancing formation of a catalytically competent GGDEF domain homodimer. In addition
to regulation by the CheY-like domains, PleD is subject to tight feedback inhibition by the
product c-diGMP. Two c-diGMP molecules with mutually intercalated purine bases bind as
a single unit at a site distant from the GGDEF domain active site, located at the interface
between the GGDEF domain and the CheY-like adaptor domain. Binding at this site has
been proposed to stabilize the GGDEF domain-adaptor domain interface in an inactive state
that hampers the formation of catalytically competent GGDEF domain homodimers. Thus,
binding of the product, c-diGMP, to this inhibitory site enables noncompetitive, allosteric,
feedback inhibition that overrides the stimulus-driven upregulation of DGC activity by the
CheY-like regulatory domains.

It is clear that class III NCs are regulated by diverse mechanisms. Despite variability in
the mode of regulation, current evidence suggests that most regulatory mechanisms involve
formation or dissolution of catalytically competent active sites, effected by rearrangement
of the two catalytic domains of the dimer relative to each other as well as the conformational
changes in active site loops. In general, there appears to be an inverse correlation between
the diversity in the architecture of the class III NCs and the complexity of signaling pathways
that interact with them. Thus, NCs from lower organisms that are active as intermolecular
homodimers show greater variation in architecture, enabling the different NCs to respond
directly to different stimuli. In contrast, MNCs from higher organisms have a more uni-
form architecture, possibly having evolved by gene duplication of a primitive CHD to form
intramolecular CHD heterodimers. The emergence of more complex regulatory networks
accompanied the divergence of the duplicated genes and the subsequent pseudo-symmetry
inherent in the heterodimers. These features have enabled MNCs to serve as integration
points for networks of signaling pathways.
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Fig. 11a, b pH-triggered conformational change and regulation of Rv1264. The subunits are colored green
and salmon, with the regulatory domain of each subunit overlaid with gray. Secondary structure elements
that undergo dramatic conformational changes are labeled and highlighted in blue. a The open, catalytically
incompetent conformation. The C-terminal helix (Nα10) of each N-terminal, regulatory domain is elongated
by four turns (colored blue). The P-loop and the α1 helix of each CHD (also colored blue) are unfolded. b
The closed, catalytically competent conformation. The last four turns of Nα10 unfold and are rearranged. The
P-loop and the α1 helix (labeled Cα1, colored blue) of each CHD fold into conformations similar to that seen
in other CHD structures. A sulfate molecule bound in the polyphosphate-binding site is depicted in molecular
detail
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Nearly a decade has passed since the structures of the mammalian AC catalytic modules
were first published, during which the catalog of eukaryotic NCs appears to have been nearly
completed and the major pathways by which they are regulated well-delineated. However, it
is clear that the molecular basis of the regulatory complexity of this family of enzymes has
yet to be fully explored. In contrast to eukaryotic class III MNCs, a plethora of prokaryotic
enzymes have been identified from the genomic sequences of prokaryotic organisms, and
the divergent domain structure of these proteins suggests new modes of regulation. Thus, ef-
forts to understand the regulatory mechanisms of the class III NCs in molecular detail shall
continue to pose substantial experimental challenges in the years to come.
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